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Abstract 
 
Laternula elliptica are large bivalves found in high densities in soft sediments in coastal 
regions of the Southern Ocean. L. elliptica form an important part of the ecosystem, due to 
significant sediment stabilisation and deposition. Despite the important role L. elliptica play 
in their environment, little is known about how projected ocean change will impact future 
populations of this species. Invertebrate larvae are considerably more sensitive to 
environmental stressors than juveniles and adults, and increases in mortality and minor 
reductions in dispersal could significantly reduce future population sizes. In a rapidly 
changing climate, some of the greatest changes are expected at high latitudes. The greatest 
rates of warming of surface waters are occurring in the Southern Ocean. Additionally, 
undersaturation of aragonite due to ocean acidification is expected to affect these waters 
within decades. Calcifying organisms such as molluscs may be particularly sensitive to 
reduced pH and saturation states associated with ocean acidification. However, information 
on larval responses to these stressors in Antarctic species is limited.  
The larvae of L. elliptica are large and lecithotrophic. Maternally provided energy reserves 
sustain development until the completion of metamorphosis. While large reserves may 
support long development times and extended encapsulation, they are finite and cannot be 
replenished. Any stress during larval development could increase metabolic costs and deplete 
reserves, preventing metamorphosis. These stressors may also impact the calcification 
process and shell structures, resulting in weaker larvae at settlement that are more vulnerable 
to injury. Small reductions in larval survival could limit recruitment and population growth 
may decline. Various responses to ocean acidification (OA) and warming were studied in the 
larvae of L. elliptica. Larvae were raised under control pH and temperatures (~8.00 and -
1.7°C, respectively) and conditions representing projections for the Antarctic by the end of 
the century and 2300 (pH 7.80, 7.65 and -0.5, +0.5 and +1.5°C), both individually and in 
combination.  The effect of these stressors on fertilisation rates, development timing and rates 
of abnormalities at various life stages were examined. Furthermore, SEM analysis determined 
the impacts of OA and warming on larval shell growth and morphology. Respiration rates 
and lipid reserves in developing larvae were also determined. 
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Information on OA and temperature responses in Antarctic larvae is limited, and this is the 
first study on the effects of these stressors in Antarctic bivalves. Elevated temperatures 
largely improved development, increased early fertilisation rates, and accelerated 
development through all larval stages and larvae reached competency 5 d ahead of larvae at 
the control temperature. This would allow for faster settlement, significantly reducing time 
spent in more vulnerable development stages. Elevated temperatures also improved 
calcification in later D-stage larvae increasing shell lengths and reducing pitting and 
cracking, suggesting these larvae will be in a better condition at settlement. Reduced pH 
improved fertilisation at control temperatures, but impaired it at elevated temperatures, 
although overall fertilisation was greater at pH 7.65/0.4°C compared to the control 
temperatures (60% and 50%, respectively). Developmental delays were observed at reduced 
pH; however the effect varied between experiments. In the first, developmental delays due to 
reduced pH were observed at all experimental temperatures and were greatest at 0.4°C, while 
in the second experiment, delays only occurred at ambient temperature. The delay at ambient 
temperature was 2 d in both experiments. The delaying effect in the first experiment was 
mitigated by the overall faster development with elevated temperature. Larvae at pH 
7.65/0.4°C reached competency at 22 d compared to 24 d at pH 7.98/-1.6°C. Larvae from the 
most extreme treatment (pH 7.65 and 0.4°C) still reached the D-larvae stage two days ahead 
of those at control conditions (pH 7.98 and -1.6°C).  
This also was the first study to perform a detailed analysis of the effect of pH and 
temperature on shell size and ultra-structure in Antarctic bivalve larvae. D-larvae from 
reduced pH treatments had significantly larger shells at elevated temperatures. While light 
microscopy suggested no significant effect of pH on development, SEM analysis revealed 
that reduced pH severely impaired the quality of the larval shell at all temperatures. They 
were more likely to have abnormal larval shapes, as well as malformed hinges and edges. 
These malformations will carry over into juvenile stages, impairing swimming and feeding 
capacity, which would reduce settlement success and condition. Additionally, these larvae 
had lower shell integrity, with high frequencies of pitting and shell damage, including 
cracking under reduced pH, although elevated temperatures partially ameliorated this effect. 
Larval shells at reduced pH were weaker, indicating they will be more susceptible to injury 
and predation. This would flow on to later life-history stages, impairing success in settlement 
when juveniles must bury in the sediments.  
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This is the second study, and the first for molluscs and Antarctic species, to perform a 
detailed biochemical analysis of the use of energetic reserves in larvae in response to OA. 
The larvae of L. elliptica are lecithotrophic, depending on maternally provided energy for 
development to competency. However, the composition and size of the reserves were 
unknown. The lipid reserves in the larvae were large, dominated by triacylglycerols and 
phospholipids. Despite significant depletion of both these lipid classes during development, 
more than 65% of the original lipid pool remained at the D-larval stage, suggesting 
significant reserves exist for later metamorphosis. Higher metabolic rates are expected in 
response to pH and temperature stress and supporting these rates may be energetically 
demanding. However, larvae did not alter use of any of the lipid classes at elevated 
temperatures. Increases in oxygen consumption in the larvae at elevated temperature 
indicated low temperature tolerances in L. elliptica larvae, possibly around -0.5°C. These 
may place increased energetic demands on later life stages that cannot depend on maternally 
provided resources. Under OA, the energetic demands of calcification are expected to 
increase due to the costs of active maintenance of the pH of cellular fluids. However, 
respiration rates were unaffected by reduced pH and a greater lipid reserve remained in larvae 
at pH 7.65/-1.7°C compared to all other treatments, suggesting larvae may respond to OA by 
reducing calcification. 
Additionally, the impact of reduced pH on biodeposition was assessed in adult L. elliptica. 
Short term (48 h) exposure to reduced pH (to pH 7.54) did not influence biodeposition rates 
or the organic composition of faeces and pseudofaeces, although compositional changes may 
have occurred in the latter due to increased mucous production or altered particle selection. 
Overall, some resilience to projected climate change conditions was observed in the larvae 
of L. elliptica. Under future elevated temperatures, larger populations could occur due to 
improved fertilisation as well as larvae reaching competency sooner with no added energetic 
costs. However, changes in respiration rates indicate that temperature tolerance thresholds are 
low. The increased metabolic demands with temperatures above -0.5°C could impair growth 
beyond the D-larval stage, when they are no longer dependent on maternally provided 
energetic reserves. Additionally, larvae may be compromised by reduced pH, as shell quality 
and integrity were significantly impaired. This could significantly influence recruitment and 
mortality rates in settlement, exposing larvae to crushing fractures in burial or reducing burial 
capacity. Even with slightly greater larval numbers and faster development, an overall 
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population decline would occur if larvae fail in settlement. This study has shown that the 
larvae of L. elliptica are highly sensitive to future ocean change conditions, but future studies 
of later life history stages are needed to confirm the impacts of these changes on the greater 
population.  
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Chapter 1 
Introduction 
 
1.1 Laternula elliptica 
The Antarctic clam, Laternula elliptica (Laternulidae, King and Broderip), is one of the 
largest and most ubiquitous molluscs in the Southern Ocean. They are found in densities 
ranging from 30 to nearly 170 ind. m-2 and with estimated mean biomasses of 4.8 kg m-2 
(Hardy, 1972; Ahn, 1993). They are slow growing and long lived, reaching shell lengths of 
~120 mm at nearly 40 years of age (Urban and Mercuri, 1998; Philipp et al., 2005). L. 
elliptica has been found at depths ranging from 1 to 360 m but is most abundant shallower 
than 20 m (Hendler, 1982; Ahn, 1994) and has even been found intertidally (Waller et al., 
2016). The upper bounds of this depth range are limited by the influence of ice movements 
and the lower bounds by phytoplankton availability (Ahn, 1994). These clams burrow deep 
into most sediments types at settlement (Ralph and Maxwell, 1977; Ansell and Rhodes, 
1997). Similar to many infaunal bivalves, L. elliptica have large siphons that they extend up 
through the sediments to feed.  
L. elliptica are suspension feeders that rely on phytoplankton and resuspended benthic 
material as a food source (e.g. Norkko et al., 2007). Suspension feeders ingest phytoplankton 
and other seston and sort them for digestion. Rejected particles are bound in mucous strands 
and are ejected as pseudofaeces, which then are incorporated into the sediments along with 
faeces (Bayne et al., 1988). In Antarctic environments, many benthic and infaunal organisms 
rely on such deposits for food, as indicated by the co-occurrence of benthic deposit feeders 
(Ahn, 1993). During phytoplankton blooms, L. elliptica biodeposition increases, at rates 
equal to the temperate mussel Mytilus edulis at similar food concentrations, suggesting a high 
feeding efficiency (Ahn and Shim, 1998). Biodeposits increase the amount of organic and 
inorganic material deposited in marine sediments compared to passive settling, with organic 
carbon flux estimated to be 95 mg C m-2 d-1 (Bayne et al., 1988; Ahn, 1993). L. elliptica also 
influences the deposition of terrigenous mineral particles, indicating the clam plays an 
important role in the sedimentation process. Due to their prevalence in soft bottom areas, L. 
elliptica are an important part of the ecosystem, significantly enhancing particle flux and 
sediment stabilisation (Ahn, 1993). Since L. elliptica is an important organism in benthic 
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coupling, any change in feeding behaviour or population density could significantly alter the 
carbon content of Antarctic sediments (Ahn, 1993).  
Exposure to adverse conditions predicted in climate models may affect L. elliptica’s 
ecological role. Prolonged exposure to warmer temperatures and reduced pH experienced 
under climate change scenarios may impact populations through reduced survival, altered 
behaviour or reduced recruitment. Negative impacts to such a prevalent and important 
member of the Antarctic fauna could have flow-on effects to the local benthic environment. 
However, there are some significant gaps in our understanding of their responses to a 
changing environment. 
1.1.1 Laternula elliptica life history 
There is limited information on the early life history of L. elliptica. L. elliptica is a 
hermaphroditic, broadcast spawning species. Male and female gonads are fused and are 
nearly indistinguishable (Ahn et al., 2003) and adults reach sexual maturity at around 2-3 
years old, although high reproductive output is not reached until later ages, with the greatest 
rates occurring in individuals around 76-85 mm in length (Bigatti et al., 2001; Kang et al., 
2003). The timing of spawning events varies significantly between regions of the Antarctic 
and may be linked to timing of local primary production (Urban and Mercuri, 1998; Ahn et 
al., 2000). In Potter Cove, King George Island, changes in gonad state indicated that 
approximately 75% of the population spawned in February and March (Urban and Mercuri, 
1998). On the Eastern Coast of the Antarctic Peninsula spawning was observed from 
December through February (Ahn et al., 2000), while in McMurdo Sound, in the southern 
Ross Sea, spawning was observed from late March to early April, extending into May (Bosch 
and Pearse, 1988). Fertilisation success in L. elliptica is dependent on much higher sperm 
concentrations than in temperate species (5x106 to 5x107 sperm ml-1 compared to 103 to a 
maximum of 106 sperm ml-1), which may indicate a higher energetic cost to spawning 
(Powell et al., 2001). The eggs are large and thickly encapsulated with total diameters >200 
µm (Ansell and Harvey, 1997). The capsule protects the developing larvae until the shell is 
developed, at which time they hatch and settle as juveniles in the sediments, although there 
are indications the larvae may have a short pelagic stage before settlement (Pearse et al., 
1985, 1986; Bosch and Pearse, 1988; Berkman et al., 1991; Ansell and Harvey, 1997).  
L. elliptica has long embryonic and larval development times, reaching the trochophore 
stage in 240 h compared to a range of 8 to 84 h in related, temperate species (Peck et al., 
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2007b). Low metabolic rates as well as sizable energetic reserves in larvae may allow for 
extended periods of encapsulation before metamorphosis and settlement (Pearse et al., 1986; 
Peck et al., 2007b).  Due to low fecundity and relatively long generation times, genetic 
adaptation is an unlikely response to a rapidly changing environment. Persistence in this 
species is more likely to be reliant on an individual animal’s adaptive capacity and 
phenotypic plasticity at various life stages. While responses in larvae have not been studied, 
comparisons of non-lethal thermal stress responses suggest juvenile L. elliptica are more 
resilient to temperature stress compared to adults (Clark et al., 2016). The responses of larvae 
to stressors will be the determining factor in recruitment and long term population 
abundances. Despite this, the impact that climate change related stressors will have on early 
life stages is unknown in this species. 
1.2 Climate Change Impacts - Temperature 
Since the beginning of the industrial revolution, levels of atmospheric CO2 have increased, 
exceeding preindustrial values by around 40% through anthropogenic activities such as 
combustion of fossil fuels, increased agriculture and deforestation (Raven et al., 2005; Doney 
et al., 2009; IPCC 2013). Atmospheric concentrations are far above levels experienced over 
the last 800,000 years (> 400 ppm compared to a historic range of 172 to 300 ppm) (Lüthi et 
al., 2008; Tans and Keeling, 2015). In addition, in recent decades, the increase has occurred 
at a far greater rate than any change for at least 22,000 years, and if current trends continue, 
atmospheric CO2 could approach 1000 ppm by 2100 (Raven et al., 2005; Steinacher et al., 
2009; IPCC 2013). Increases in greenhouse gases are driving rapid change in the earth’s 
climate, with an increase in the average global surface temperature of around 0.78°C in the 
past 150 years and increases of 0.3 - 4.8°C projected for the end of the century (IPCC, 2013). 
Atmospheric energy is taken up by the oceans, with over 60% of the increased energy in the 
climate system stored in the upper 700 m (IPCC, 2013). This has led to warming of surface 
waters of approximately 0.11°C per decade with the largest warming observed in the 
Southern Ocean (IPCC, 2013). 
Organism responses to temperature change are variable and will be dependent on their 
evolutionary history, adaptive capacity, as well as the magnitude of the temperature increase. 
Adaptive capacity is particularly important in determining long term responses as it allows 
the rise of tolerant phenotypes. However, adaptive potential is dependent on generation times 
as well as the natural variability of environmental conditions experienced by the organism 
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(Pörtner, 2010; Matson et al., 2012; Kelly and Hofmann, 2013). Organisms that typically 
experience a greater range in temperature or other stressors may already have mechanisms 
that allow them to withstand such environmental changes, unless they are already close to 
tolerance boundaries (Pörtner, 2002a, b). Additionally, even if adaptive mechanisms exist, 
longer lived species with deferred maturity and long generation times may have limited time 
in which to develop tolerant phenotypes in a rapidly changing climate. 
 Changing sea temperatures impact species by increasing biochemical reaction rates and 
metabolism until thermal thresholds are reached (Morley et al., 2014). Under further 
warming, organisms experience reductions in physiological activity or mortality (Pörtner, 
2002a). Pejus temperatures represent a turning point, where there is a shortfall between 
oxygen supply and demand, and animal functionality begins to be lost. At higher “critical 
temperatures” metabolism becomes anaerobic (Pörtner, 2002a) and thereafter lie lethal 
boundaries. Pejus and critical temperatures are appropriate measures of species’ tolerance as 
they represent a negative change in animal function, where continued exposure would lead to 
mortalities (Peck et al., 2002; Morley et al., 2012b). Therefore, these limits form the 
boundaries of thermal sensitivity and tolerance that influence species distribution ranges. As 
sea temperatures rise, shifts in the northern and southern boundaries of these ranges may be 
observed. Tolerance windows may be narrower in polar species where cold temperatures 
dominate (stenothermy) (Peck and Conway, 2000; Pörtner, 2002a). Sensitivities, as well as 
acclimation capacity, may be governed by the rate of warming, the length of exposure time, 
as well as life history stages (Peck et al., 2002; Pörtner, 2008; Pörtner, 2010; Morley et al., 
2014). 
1.2.1 Responses of L. elliptica to ocean warming 
Under stress, an organism may have a number of differing responses involving different 
levels of coping or repair mechanisms. Under thermal stress, L. elliptica ceases most 
metabolic activity until favourable conditions resume. L. elliptica is highly stenothermic, 
having a temperature tolerance range of around -2 to +2.5°C (Peck et. al 2002, 2004). 
Animals from the Antarctic Peninsula ceased burrowing activity following exposure to 2°C 
seawater and temperatures of 7.5-9.0°C were lethal (Pörtner et al., 2006; Morley et al., 2007, 
2009; Peck et al., 2007a). Under long term exposure (5 mo.) to elevated temperatures (1-2°C 
above ambient), increased mortality and decreases in physiological condition were observed 
for adults while the variability of metabolic responses increased, indicating a lack of 
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adaptation or acclimation (Hempel, 2016). However, populations of L. elliptica have been 
found intertidally, where sediment temperatures reached 7.5°C, suggesting select populations 
may be adapted to elevated temperatures (Waller et al., 2016). 
Under elevated temperatures, L. elliptica increases expression of heat shock proteins (Park 
et al., 2007; Clark et al., 2008). Heat shock proteins are highly conserved across species and 
are used in response to cellular damage to aid in protein folding and stabilisation, 
transportation across membranes as well as regulating heat shock responses (Park et al., 
2007).  In L. elliptica, heat shock proteins may be part of a cold adaption strategy as they are 
permanently induced even under nonstressful conditions. Additionally, since the 1990s, a 
shift in L. elliptica growth rates has been observed in response to temperature in populations 
along the Antarctic Peninsula (Brey et. al 2011). Coinciding with changing air temperatures 
as well as increased sedimentation and run-off, the maximum obtainable size has diminished 
in this species (Brey et al., 2011). Through analysis of decadal patterns of shell growth and 
energy budgets, over a 50 year period a 25% drop in maximum sizes was observed that was 
partially associated with increases in metabolic costs (Brey et al., 2011).  
In general, among adult clams, the impacts of environmental change appear to hit hardest 
on older and larger individuals, possibly due to slower cellular and immune responses, lower 
metabolic capacity, as well as life time accumulation of cellular waste products and metals 
(Morley et al., 2009; Husmann et al., 2011; Husmann et al., 2012; Clark et al., 2013; Clark et 
al., 2016) . Not only are changing temperatures causing a shift in maximum obtainable size, 
but added stress may also reduce maximum age, and subsequent persistence in this long lived 
species (Brey et al., 2011; Clark et al., 2013).  
1.3 Climate Change Impacts – Ocean Acidification 
Changes in ocean chemistry may negatively impact invertebrate species, particularly those 
that calcify. Approximately one third of atmospheric carbon dioxide is taken up by the 
oceans, making them important carbon sinks (Sabine et al., 2004). As CO2 dissolves in the 
oceans, carbonic acid (H2CO3) forms and dissociates into hydrogen (H+) and bicarbonate 
(HCO3-), and further into carbonate (CO32-), as summarised in the following equation (Doney 
et al., 2009): 
CO2 + H2O ↔ H2CO3 ↔ HCO3- + H+ ↔ CO32- + 2H+. 
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In seawater around pH 8.1, CO2, along with carbonic acid (H2CO3), makes up less than 
1% of the total dissolved inorganic carbon (DIC) content, while HCO3- accounts for over 
90% of total oceanic DIC and CO32- approximately 8% (Raven et al., 2005; Doney et al., 
2009). An overabundance of CO2 shifts the equilibrium and increases the ocean 
concentrations of HCO3- and H+, subsequently reducing oceanic pH and [CO32-] due to the 
increase in [H+] (Doney et al., 2009). In the past 200 years, an approximate 30% increase in 
[H+] has led to a decrease of 0.1 units in the pH of surface seawater in the open ocean, in a 
process referred to as ocean acidification (OA). If current emissions continue unabated, a 
further decrease of 0.2-0.3 pH units could occur by the year 2100 (Feely et al., 2004; IPCC, 
2013). This rate of change is around 10 times greater than any event over the past 300 million 
years (IGBP et al., 2013). Using CO2 observations from 1975 to 2000 and projections for the 
years 2000 to 2100 (IS92a scenario, Houghton et al., 2001), an estimated maximum reduction 
in pH of 0.77 may occur in surface waters by 2300 (Caldeira and Wickett, 2003).  This model 
also showed that oceanic pH is particularly sensitive to increased [CO2] in the short term, as 
long term change is buffered by interactions with carbonate minerals (Caldeira and Wickett, 
2003).  Due to the higher solubility of CO2 at colder temperatures and the large differences 
between seawater and atmospheric partial pressure of CO2 (pCO2) at high latitudes, these 
regions will act as the greatest sinks, and will likely see the most important pCO2 associated 
decreases in pH (Mostofa et al., 2015). 
1.3.1 Impacts of ocean acidification 
The potential impacts of OA on invertebrates are varied and may include stress through 
elevated CO2 in internal fluids (hypercapnia), reduced internal pH (acidosis), impaired 
calcification and dissolution of calcified structures. Organisms may be influenced through 
any number of these pathways, the strength and number of which may vary with life history 
stage as well as other stressors. 
1.3.1.1 Hypercapnia and acidosis 
As external pCO2 rises, so does intracellular pCO2 (hypercapnia), which impacts diffusion 
gradients across cell membranes. Increases in seawater pCO2 will reduce organism capacity 
for CO2 diffusion out of the cell. This will lead to the accumulation of respiratory CO2, which 
elevates [H+] and increases internal pH (acidosis). Organisms may be able to regulate their 
internal pH through the metabolic consumption or active transport of protons across 
membranes, or by reducing respiration to prevent cellular CO2 build up (Pörtner, 2002a, 
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2010; Michaelidis et al., 2005). However, these responses may only be effective in the short 
term. Regulation of cellular acidosis is an active process limited by animal energy budgets 
and the strength of the stressor (see Thomsen and Melzner, 2010; Hammer et al., 2011). 
Active regulatory responses and higher metabolic rates would require the use of energy above 
baseline levels (e.g. Parker et al., 2013). As response mechanisms are metabolically related, 
they may be absent or limited in organisms with a more sessile habit (Parker et al., 2013). 
Organisms could provide extra energy for upregulation of metabolism either through 
redistribution of energy budgets or by changing feeding behaviour (Fernández-Reiriz et al., 
2011; Melzner et al., 2011; Navarro et al., 2013; Vargas et al., 2013). However, redistribution 
of energy would occur at the expense of growth or reproduction, reducing long term 
population survival. Furthermore, increased food intake may be itself energetically costly and 
may not be possible if food availability is altered by similar stressors.  
A range of factors may determine an organism’s ability to withstand hypercapnia and 
acidosis. For example, most bivalves are particularly sensitive to OA due to a low capacity to 
regulate acid-base balance of haemolymph, especially at vulnerable early stages (Lindinger et 
al., 1984; Melzner et al., 2011; Waldbusser et al., 2013; Walbusser et al., 2015). However, 
there are indications that infaunal organisms may be more resistant to pH as they have 
developed mechanisms to cope with the naturally lower pH found in sediments (Talmage and 
Gobler, 2011; Styf et al., 2013). Some organisms may have the capacity to buffer pH by 
increasing [HCO3-], however this may come at the expense of calcified structures, as HCO3- 
is obtained through shell dissolution (Michaelidis et al., 2005). Organisms using this 
compensatory mechanism may experience weakened calcified structures not only due to 
buffering, but also to dissolution and reduced calcification due to the undersaturation of 
calcium carbonate in seawater (Michaelidis et al., 2005; Berge et al., 2006; Wicks and 
Roberts, 2012). 
1.3.1.2 Impacts on calcification 
Organisms may be further impacted by OA due to the decreased availability of CO3-2, and 
subsequent reductions in the saturation of calcium carbonate in seawater. The saturation state 
(Ω) of calcium carbonate is dependent on a combination of ionic concentrations of Ca+ and 
CO3-2 at a specific temperature, salinity and pressure (Yamamoto-Kawai et al., 2009). Ω is 
determined when the product of the concentrations of the calcium and carbonate ions is 
divided by the apparent stoichiometric solubility product (K’sp) (Steinacher et al., 2009): 
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 Ω = [Ca2+] [CO32-]/K’sp 
As [CO3-2] decreases, Ω is reduced. When Ω > 1, CaCO3 precipitation is favoured, when Ω 
< 1, dissolution of carbonate structures will occur (Fabry et al., 2008). Therefore, as seawater 
pCO2 rises and Ω lowers, organisms may have difficulty in biomineralisation or experience 
dissolution of existing shells and skeletons. 
Calcium carbonate has a variety of polymorphs that are precipitated naturally or through 
biogenic processes (Yamamoto-Kawai et al., 2009). Aragonite and calcite, which are forms 
of calcium carbonate secreted by marine organisms, have differing K’sp values, leading to 
differing saturation states (Steinacher et al., 2009).  The saturation state of aragonite (ΩAr) is 
about 50% lower than calcite (ΩCa) meaning organisms with higher aragonite shell 
compositions may experience dissolution or reduced calcification before organisms with 
calcite shells (Steinacher et al., 2009). ΩAr and ΩCa decrease with depth due to increased 
pressure and lower temperature (Orr et al., 2005). The depth at which a polymorph is no 
longer deposited (i.e. ΩAr < 1) is referred to as the saturation horizon (Orr et al., 2005), and 
organisms residing near this point are at greater risk of dissolution.  
Low production and cold temperatures in polar winters will lead to undersaturation of 
aragonite as early as 2050 in high latitude waters (Feely et al., 2004; Orr et al., 2005). Year 
round undersaturation of aragonite is projected for 2100 in the Southern Ocean (McNeil and 
Matear, 2008; McNeil et al., 2010). The melting of ice in the poles further reduces the 
saturation state of aragonite through the reduction of salinity, total alkalinity (TA) and DIC 
(Yamamoto-Kawai et al., 2009). 
Reductions in [CO3-2] may only impact biomineralisation rates in organisms that rely on 
CO3-2. In some organisms, including bivalves, HCO3- from seawater, or converted from 
respiratory CO2, is the important substrate used in calcification (Roleda et al., 2012; Thomsen 
et al., 2015). Organisms such as these will not be directly impacted by reduced [CO3-2] and 
may be capable of calcification even under extremely low pH conditions (see Tunnicliffe et 
al., 2009). However, as biomineralisation is dependent on the saturation states and pH of 
calcifying fluids, active calcification may still be impaired by OA. In bivalves, calcification 
occurs in the extrapallial fluid, between the shell and the mantle (McConnaughey and 
Gillikin, 2008), and is a complex process, highly controlled and energetically costly to 
regulate (Wicks and Roberts, 2012). Organisms may modify the saturation state of seawater 
at the site of calcification by adding calcium ions and actively removing protons, creating a 
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microenvironment with a high saturation state (McConnaughey and Gillikin, 2008). The 
formation of HCO3-, as well as maintenance of internal saturation state and pH are active 
processes, meaning organisms may still experience reductions in calcification due to 
increased energetic cost rather than direct dissolution (Tunnicliffe et al., 2009; Thomsen and 
Melzner, 2010; Wicks and Roberts, 2012).  
Impacts on calcification vary with species. Reduced calcification has been observed in 
coralline algae (Hall-Spencer et al., 2008), molluscs (Gazeau et al., 2007; Thomsen and 
Melzner, 2010; Waldbusser et al., 2011), echinoderms (Ries et al., 2009; Dupont et al., 2010), 
corals (Cohen et al., 2009; Whittmann and Pörtner, 2013) and other invertebrate species 
(Riebesell et al., 2000; Ries et al., 2009; Whittmann and Pörtner, 2013). Other observed 
impacts include net dissolution (Orr et al., 2005; Hall-Spencer et al., 2008), altered shell 
structure (Beniash et al., 2010) and reduced shell size and integrity (Hall-Spencer et al., 2008; 
Melatunan et al., 2013; Range et al., 2012). Other species show no response or even increases 
in calcification rates (Iglesias-Rodriguez et al., 2008; Ries et al., 2009; Range et al., 2011). 
OA may also influence interspecies competition, resulting in reduced biodiversity and trophic 
complexity within ecosystems (Kroeker et al., 2011; Kroeker et al., 2013b). 
Despite the short time until polar waters become undersaturated, information on the 
impacts on polar organisms is limited. The polar pteropods Limacina helicina and L. helicina 
antarctica, planktonic molluscs with an aragonite shell, reduce calcification and experience 
dissolution following exposure to reduced pH and ΩAr (Comeau et al., 2012a, b). These 
species are commonly found near or below the saturation horizon for aragonite, indicating the 
presence of a protective mechanism (Comeau et al., 2012a). Scanning electron imagery 
(SEM) of the shells of four Antarctic CaCO3 depositing invertebrates, including L. elliptica, 
exposed to reduced pH shows significant dissolution and exposure of internal crystalline 
structure (McClintock et al., 2009). However, the shells were exposed post-mortem, showing 
only that dissolution occurs without protective measures. The impacts on shells of living 
specimens remain unknown.  
1.3.2 Responses of L. elliptica to ocean acidification 
The impacts of OA on L. elliptica are not as well understood as those of elevated 
temperatures. The shell of L. elliptica is composed exclusively of aragonite, although the 
chondrophore, the hinge support on a bivalve shell, also contains calcite and vaterite, an 
unstable form of CaCO3 (Nehrke et al., 2012). Calcification and shell integrity in this species 
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is therefore likely to be susceptible to the lower pH conditions predicted under future climate 
scenarios. However, L. elliptica may have some level of control over pH stress responses, as 
they are able to maintain calcification while buried in sediments, which are naturally low in 
pH (see Talmage and Gobler, 2011; Styf et al., 2013). 
Under ocean acidification, adult L. elliptica increased oxygen consumption rates (after 4 
mo.) and expression of the heat shock protein HSP70 and chitin synthase (after 21 d), 
although no mortalities occurred (Cummings et al., 2011). The increases in the expression of 
chitin synthase, an enzyme involved in the synthesis of bivalve shells, indicates calcification 
may become more difficult (Cummings et al., 2011). Following 5 mo. exposure to reduced 
pH, no statistically significant impacts were observed on overall mortality, metabolic rates or 
physiological condition (Hempel, 2016). However, nothing is known of the responses in early 
life history stages. 
The shells of L. elliptica are thin and are composed of a thin prismatic/nacreous layer and 
a thicker outer homogenous layer, typical of more primitive bivalve forms and indicative of a 
low energetic cost of calcification (Sato-Okoshi and Okoshi, 2008; Sato-Okoshi et al., 2010). 
Prolonged exposure to seawater undersaturated in aragonite impacts these calcified 
structures. As noted above, fresh empty shells of L. elliptica exposed to low pH displayed 
significant dissolution and brittleness after 28 days (McClintock et al., 2009). However, 
dissolution in the shells of dead individuals is not a realistic indicator of a species response to 
changing ocean conditions.  A living specimen may be able to maintain calcification and/or 
actively compensate for external pressures. Additionally, structures such as the epithelium or 
periostracum may protect calcified structures from dissolution (see Tunnicliffe et al., 2009; 
Przeslawski et al., 2015; Peck et al., 2016). The ability of calcifying organisms to survive 
ocean acidification is contingent on their capacity to continue growing and developing.  
The total body masses of calcifying species from the Southern Ocean have lower inorganic 
content than those from warmer latitudes, indicating lower shell masses (Watson et al., 2012). 
This may be related to reduced predation pressure, increased costs of cold water calcification 
or to lower metabolic rates. Some Southern Ocean species have high plasticity in skeleton 
formation, reducing energetic costs by minimising calcification but maintaining the capacity 
to respond to environmental pressures such as ice related disturbances or low Ω
 
(Watson et 
al., 2012). Some level of plasticity in calcification exists in L. elliptica. For example, 
significant variation in shell morphology observed between populations was attributed to the 
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frequency of local ice impact events rather than genetic variation, indicating calcification in 
this species responds to environmental input (Harper et al., 2012). Additionally, repair of 
shell damage has been observed in specimens from more disturbed areas, suggesting that 
active maintenance of established structures can occur (Harper et al., 2012). 
1.4 Climate Change Impacts – Other Stressors 
In addition to ocean warming and acidification, increased air temperatures will impact 
salinity, sea levels, sea ice extent, water column stratification, oxygen saturation, patterns of 
water circulation, precipitation and freshwater input (Arrigo and Thomas, 2004; IPCC, 2013). 
The rates of change in many of these stressors are high and accelerating (Doney et al., 2012). 
Not only will these factors directly influence individual organisms, but their impacts cascade 
to populations and ecosystems due to changing abundances, food availability and seasonality, 
as well as shifts in population boundaries. Changes in ice regimes due to global warming may 
also influence trophic structures. Sea ice is a major driver of ecosystem function in polar 
regions, influencing light availability and subsequently, primary production (Arrigo and 
Thomas, 2004; Norkko et al., 2007). Additionally, sea ice indirectly influences benthic 
diversity by seeding benthic environments with ice algae (e.g. Norkko et al., 2007).  
As the most isolated continent, Antarctica remains one of the most untouched regions of 
the world; however it is not fully free of anthropogenic influences. A number of permanent 
research stations around the continent distribute various pollutants to the surrounding land 
and sea (Ahn et al., 2001). Increased run off due to glacier retreat would impact not only 
salinity, but also the amount of lithogenic particles, changing the inorganic and organic 
content of the seston, and possibly introducing toxins, such as heavy metals from research 
stations or volcanic soils (Husmann et al., 2012; Sahade et al., 2015). Changes in 
sedimentation may also have significant consequences to biodiversity in benthic assemblages 
(Sahade et al., 2015). 
1.4.1 L. elliptica and other stressors 
The cues for increases in feeding behaviour and other activity in L. elliptica show a strong 
link to variations in air temperatures, opposed to sea water temperature (Brey et al., 2011). 
Rather than being a direct response, this is likely due to elevated air temperatures increasing 
glacier melt, subsequently impacting salinity or increasing sediment load (see Brey et al., 
2011). Increased air temperatures may also alter the timing of these blooms and subsequent 
12 
 
cues in L. elliptica. Additionally, elevated temperatures may cause changes in sea ice cover 
that could change the seasonality of food supply. However, the impacts may be minimal. 
Phytoplankton bloom timing typically varies year to year, and the diet of L. elliptica is fairly 
opportunistic, depending on the relative abundances of algae and detritus made available 
through primary production or advection. Additionally, the potential influence of changing 
ice cover on ecosystem trophic structure is complex.  
Reduced O2 solubility in warmer oceans as well as increased stratification will increase the 
frequency of hypoxic events. Temperature tolerance thresholds in L. elliptica are dependent 
on oxygen availability (Pörtner et al., 2006), and the impacts of hypoxia are greater in older 
and larger individuals (Clark et al., 2013). Simultaneous hypoxia and temperature elevation 
could influence population age and subsequent population sizes as larger individuals are 
typically more fecund. Due to modelled impacts on reproductive potential and mortality rates 
at different life stages, L. elliptica may experience a 75% population reduction under end of 
century temperature and pH projections (Guy et al., 2014). Biological success or fitness is not 
measured by the number of individuals in an adult population, but rather by the population’s 
capacity to propagate (Orr, 2009). In population genetics, the fitness of a population is largely 
based on the number of reproducing adults and recruiting larvae (Orr, 2009). Population 
analysis of L. elliptica suggests that a 5% increase in mortality rates in early life history 
stages would result in significant declines in population within the next 60 years (Guy et al., 
2014). A species not reproducing and recruiting individuals at a rate that replaces or 
outnumbers the previous population cannot be considered successful. It is therefore important 
to consider reproductive success along with the responses of the whole organism in any study 
of the effects of ocean acidification and temperature. Additionally, in long lived species with 
deferred maturity, phenotypic plasticity and the ability to compensate for environmental 
stress in all life stages may be more important than genetic adaptation.  
1.5 Larval Responses to Climate Change  
Responses to environmental stressors vary greatly amongst species and taxonomic groups, 
as well as life stages (Kroeker et al., 2010, 2013a; Pereira et al., 2015).  Larvae are the most 
vulnerable point of development in an organism’s life history. This is due to the relatively 
small size of larvae, increasing the proportion of cells exposed to the external environment 
(Pechenik, 1999; Melzner et al., 2009). Additionally, adaptive mechanisms in adults may not 
be functional or present in larvae and embryos (Melzner et al., 2009; Waldbusser et al., 
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2013). In more sessile species, planktonic larvae also may be the only opportunity to migrate 
away from stressful conditions and establish new populations. As early life history stages 
represent bottleneck points for populations, even small changes to the already high early 
mortality rates could have significant flow-on effects to later stages and the greater 
population (e.g. Parker et al., 2013; Guy et al., 2014). 
The success of fertilisation and development under environmental stress is an important 
component of species’ success and adaptive potential (Byrne, 2011). Genetic recombination 
may allow for the rise of tolerant phenotypes in responses to stress, however this is largely 
dependent on the phenotypic and genetic variation present within a population, as well as 
generation time (Sunday et al., 2011). Longer lived species, which generally reach sexual 
maturity at a later age (Ridgway et al., 2011), will be less able to adapt to stressors as long 
generation times reduce opportunities for genetic responses on short time frames.  
1.5.1 Observed impacts on early life stage survival and development rate 
Elevated temperatures and reduced pH may have impacts on development as early as 
gamete release and fertilisation, reducing fertilisation success or impairing viability (Kurihara 
and Shirayama, 2004; Byrne et al., 2009; Ellis et al., 2009; Parker et al., 2010; Pecorino et al., 
2014). Temperature impacts on larval development success can be varied. For example, small 
elevations in temperature may reduce mortality rates in some mollusc larvae, as well as 
increase development rates (Davis et al., 2013; Dorey et al., 2013). Additionally, elevated 
temperatures may alleviate some of the negative effects of OA in urchin larvae (Byrne et al., 
2011; Davis et al., 2013). In contrast, in an abalone and a sea urchin, moderate warming 
increased occurrences of abnormal development and thermotolerance was exceeded with only 
a 4°C elevation in temperature (Byrne et al., 2011). In bivalves, elevated temperatures 
increased mortality and sensitivity to other stressors, and reduced the accumulation of lipids, 
important in energy storage for metamorphosis (Talmage and Gobler, 2011).  
Larval development rates are generally negatively impacted by reduced pH, with larvae 
delaying metamorphosis or needing more time to reach equivalent life stages compared to 
those at ambient conditions (Talmage and Gobler, 2009; Davis et al., 2013; Gazeau et al., 
2013).  Reduced pH also increases occurrences of abnormal development in urchins (Byrne et 
al., 2013a; b), oysters (Parker et al., 2009; Parker et al., 2010) and abalone (Byrne et al., 
2011). Compared to other invertebrate taxa, mollusc larvae are particularly sensitive to OA 
(Kroeker et al., 2010; Kroeker et al., 2013a). For example, increased mortality rates have 
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been observed in pteropods (Gazeau et al., 2013), gastropods (Crim et al., 2011; Davis et al., 
2013) and bivalves (Talmage and Gobler, 2009; Watson et al., 2009).  
1.5.2 Observed impacts on calcification and larval sizes 
While increased temperatures enhance growth in some larvae and may mitigate the effects 
of pH (Sheppard Brennand et al., 2010; Byrne et al., 2013a, b), species living near their 
thermal thresholds may experience reduced growth with further temperature elevation 
(Talmage and Gobler, 2011). Larval calcification may be particularly sensitive to OA due to 
high rates of calcification relative to body mass, indicating a larger metabolic burden to 
calcification (Thomsen et al., 2015). OA may increase the energetic cost of calcification, 
resulting in unshelled larvae (Crim et al., 2011), reduced calcium content (Miller et al., 2009) 
or shell dissolution (Watson et al., 2009; Talmage and Gobler, 2010). Calcification in the 
early stages of invertebrate development may be particularly sensitive not only due to the 
lack of regulatory mechanisms, but also due to the fact that they secrete more soluble forms 
of CaCO3 (e.g. in urchins and bivlaves; Weiss et al., 2002; Addadi et al., 2003). 
OA may alter skeleton size, shape and morphology, as observed in urchin larvae which 
may have implications on larval feeding and swimming capacity (Matson et al., 2012; Davis 
et al., 2013). Altered and abnormal shell shapes have also been observed in gastropods (Ellis 
et al., 2009; Crim et al., 2011) and bivalves (Talmage and Gobler, 2010; Barros et al., 2013). 
Bivalve shells provide support for muscles and organs while hinges facilitate opening and 
closing, altered shell shapes may reduce larval movement and subsequent feeding and 
excretion (Talmage and Gobler, 2010; Andersen et al., 2013). OA also reduces calcification 
and shell integrity while causing simultaneous dissolution of existing structures; causing 
larvae to produce weaker, thinner shells (Watson et al., 2009; Gaylord et al., 2011). This 
would lead larvae to being more vulnerable to predation as well as crushing injuries at 
settlement (Talmage and Gobler, 2010). 
Smaller shell sizes due to reduced calcification have been observed in marine molluscs 
including pteropods (Gazeau et al., 2013), abalone (Crim et al., 2011), mussels (Bechmann et 
al., 2011; Gaylord et al., 2011) and oysters (Miller et al., 2009; Parker et al., 2009; Watson et 
al., 2009; Barros et al., 2013). Smaller larvae observed under OA may be a result of delays in 
development due to the increased metabolic demands, or conversely may represent the 
sacrifice of somatic growth at the expense of the development of vital structure (Stumpp et 
al., 2011b; Matson et al., 2012). There are negative implications to either scenario. Larger 
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larvae may have better success in settlement, and if reduced pH is creating smaller larvae at 
competency, it would likely indicate they are weaker and may be more susceptible to 
predation (Martel et al., 2014). Alternatively, delays in planktonic development would 
significantly reduce settlement success (Rodriguez et al., 1993). If reduced pH prolongs 
development periods, larvae will spend more time at development stages that are considered 
highly vulnerable to predation (Martel et al., 2014).   
1.5.3 Further implications for larvae 
The vulnerability of larvae may be dependent on life history strategy. Larvae fuel early 
development through maternally provided resources that are either sufficient for the 
development of an independently feeding larva (planktotrophy) or large enough to allow the 
larvae to bypass feeding stages and metamorphose into juveniles (lecithotrophy).  Under OA, 
the increased metabolic costs of calcification would mean more energy is required to produce 
equivalent masses of CaCO3 as would be produced under ambient conditions (Thomsen et al., 
2015). Impacts to metabolism may include changes to larval activity and heart rates or 
reductions in lipid availability (Ellis et al., 2009; Talmage and Gobler, 2011). Stress during 
development could place pressure on energetic reserves which may be limited in some larvae. 
This could occur by increased use of existing reserves or by the diversion of energetic 
resources to maintain cellular function under stress responses that alter metabolic rates 
(Stumpp et al., 2011b; Matson et al., 2012; Waldbusser et al., 2013). 
Metamorphosis into juveniles is energetically demanding (Bayne, 1971). Larvae must be 
non-feeding during a portion of metamorphosis, as their feeding structures are being formed 
(Holland and Spencer, 1973; Lu et al., 1999). In planktotrophic species, lipids accumulated 
during development are relied on for successful metamorphosis, however, lecithotrophic 
larvae cannot replenish their energetic reserves. Increased usage during embryogenesis would 
mean reductions in the energetic pool available, preventing successful metamorphosis 
(although some lecithotrophic larvae may take up dissolved nutrients; Jaeckle and Manahan, 
1989). Additionally, successful settlement of larvae may be sensitive to changes in 
environmental conditions, such as temperature or saturation state in the sediments. Changes 
in these cues may impact the timing of settling or metamorphosis, potentially before larvae 
reach competency (Rodriguez et al., 1993; Pechenik, 1999; Green et al., 2009, 2013).  If 
larvae reach metamorphic competency faster with no significant depletion of energetic 
reserves, reserves may allow them to delay settlement until favourable conditions are met 
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(Paulay and Meyer, 2006). Conversely, developmental delays may result in larvae that are 
unprepared for metamorphosis when they receive favourable cues (Stumpp et al., 2011b).  
Larval survival and response to stressors may be further impacted by the conditions 
experienced by adults, through carry-over effects or transgenerational epigenetic inheritance 
(Miller et al., 2012; Parker et al., 2015). Offspring of oysters with prior exposure to high 
pCO2 conditions had lower rates of abnormality, faster development and faster shell growth 
compared to offspring of acclimated adults (Parker et al., 2015) and adverse effects of pH 
were absent in juvenile fish with parents exposed to similar conditions (Miller et al., 2012). 
Additionally, mothers may alter maternal investment based on local environment or 
conditions experienced during gametogenesis (Miller et al., 2012; Parker et al., 2013).  
1.5.4 Impacts of climate change stressors on Antarctic larvae 
Sensitivity to OA and warming has been observed in early life stages of Antarctic species. 
For example, increased temperature reduced viability of embryos in Odontaster meridionalis 
(Stanwell-Smith and Peck, 1998). In the echinoid Sterechinus neumayeri, increased 
temperature alone reduced egg viability, but enhanced fertilisation, and the combination of 
elevated temperatures and reduced pH reduced fertilisation (Stanwell-Smith and Peck, 1998; 
Ericson et al., 2012; Ho et al., 2013). Elevated temperature also increased late stage larval 
sizes in S. neumayeri, but negatively affected later development, up to the blastula stage 
(Ericson et al., 2012) and increased sensitivity to pH (Davis et al., 2013; Kapsenberg and 
Hofmann, 2014).  
S. neumayeri is less sensitive to reduced pH, compared to similar species from temperate 
and tropical regions (Clark et al., 2009; Kapsenberg and Hofmann, 2014). For example, 
larvae raised under very low pH had no degradation or malformation of fine skeletal 
structures (Clark et al., 2009). However, OA reduced fertilisation success at low sperm 
concentrations, and may increase polyspermy (Ericson et al., 2010; Sewell et al., 2013). 
Reduced pH also increased abnormal development in early larval stages of S. neumayeri 
(Ericson et al., 2012) and negatively impacted larval morphology and size (Clark et al., 2009; 
Yu et al., 2011; Davis et al., 2013). 
Reduced pH also impaired fertilisation at low sperm concentrations in the Antarctic sea 
star Odontaster validus (Gonzalez-Bernat et al., 2013). O. validus larvae were also smaller 
and had higher rates of abnormality and mortality (Gonzalez-Bernat et al., 2013). Reduced 
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pH had no impact on fertilisation success in the nemertean worm Parborlasia corrugatus and 
late stage larvae were only sensitive to very large pH reductions (Ericson et al., 2010).  
Impacts of pH and temperature stress in other Antarctic species include decreased 
hatching success with reduced pH in Antarctic krill (Kurihara, 2008), and developmental 
delays with no increases in abnormality in the sub-Antarctic sea urchin Arbacia dufresnei 
(Catarino et al., 2012). In the Antarctic dragonfish, Gymnodraco acuticeps, increased pCO2 
and temperature independently improved development, but when combined, embryos 
developed more slowly and had increased mortality (Flynn et al., 2015). 
1.6 Thesis Structure 
The responses of L. elliptica larvae and adults to environmental perturbations of elevated 
temperature and reduced pH were examined in a series of laboratory experiments. Chapters 
2-5 of this thesis were written as independent papers prepared for publication, and therefore 
will be subject to a degree of repetition. 
Chapter 21 presents a study of patterns of larval development under ecologically relevant 
reduced pH and elevated temperature using a laboratory experiment. This assessed impacts 
on L. elliptica larval developmental success, including rates of mortality and abnormality and 
the timing of development stages.  
Chapter 3 provides a closer analysis of the morphology and quality of the larvae from the 
Chapter 2 experiment using scanning electron microscope techniques. The impacts of pH and 
temperature were further assessed by comparing shell growth and quality at two points during 
larval shell development. 
Chapter 4 concerned the energetics of lecithotrophic larval development. The utilisation of 
lipids, the lipid classes and relative importance of the classes were assessed through an 
analysis of the changes in the lipid content in development to the D-larval stage. 
Additionally, the potential metabolic cost of development under reduced pH and elevated 
                                                          
1
 This chapter was published in 2015 as follows: 
 Bylenga CH, Cummings VJ, Ryan KG (2015) Fertilisation and larval development in the 
Antarctic bivalve, Laternula elliptica, under reduced pH and elevated temperatures. Marine Ecology 
Progress Series 536:187-201  
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temperature conditions was determined by comparing differences in total lipid and lipid class 
depletion, as well as oxygen consumption in late stage development.  
Chapter 5 assessed adult feeding behaviour and biodeposition during short-term exposures 
to reduced pH. The results and implications of Chapters 2-5 are synthesised and discussed in 
the sixth and final chapter. 
This thesis and the experiments it describes were written, designed and performed by 
myself, while support and advice were received from my supervisors, Drs. Vonda Cummings 
and Ken Ryan. The published manuscript for Chapter 2 was written and prepared by myself, 
with comments and editing from my supervisors, the secondary authors, as well as three 
anonymous reviewers and Marine Ecology Progress Series editor Dr. James McClintock. In 
Chapter 3, assistance in the preparation of sample stubs for SEM analysis was provided by 
David Flynn. In Chapter 4, I performed lipid analysis in Dr. Mary Sewell’s laboratory 
(University of Auckland), while the identification of the lipid classes by TLC was performed 
by Josefina Peters-Didier on samples prepared by myself. 
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Chapter 2 
Fertilisation and larval development in the Antarctic bivalve, 
Laternula elliptica, under reduced pH and elevated temperature2 
 
2.1 Introduction 
Since the industrial revolution, a 40% increase in atmospheric CO2 (>400 ppm) has 
resulted in large scale changes in global climate (IPCC, 2013; Tans and Keeling, 2015). Even 
under best-case mitigation scenarios further increases in atmospheric CO2 are projected (up to 
450 ppm by 2100; Calvin et al., 2009; Fischedick et al., 2011). Radiative forcing due to 
increased greehouse gases results in increased energy uptake in global climate systems and 
subsequently, atmospheric temperatures are predicted to increase. Over 90% of the total 
energy increase observed in the climate system is stored in the oceans (60% in the upper 700 
m), leading to warmer oceans (IPCC, 2013). Additionally, increased CO2 concentrations 
affect ocean chemistry through hydrolysis with seawater, which results in increased hydrogen 
ion (H+) concentrations and a subsequent drop in pH (Seibel and Walsh, 2003; Orr et al., 
2005). Since measurements began, surface pH levels have reduced by approximately 0.1 pH 
unit with up to a further 0.3 unit drop projected by the end of the century (IPCC, 2013). The 
increased [H+] is buffered by carbonate ions through the formation of bicarbonate, reducing 
the carbonate saturation state (Ω). As Ω decreases to undersaturation (Ω < 1), dissolution of 
calcium carbonate (CaCO3) occurs. As CO2 dissolves more readily in cold water, the effects 
of ocean acidification will be felt soonest in polar and/or deep regions (IPCC, 2013). 
Organisms using aragonite (a relatively unstable form of CaCO3) in shell formation may soon 
experience undersaturation in winter months in the Antarctic (McNeil et al., 2010).   
Early life stages are important in the context of environmental stressors as sensitivity may 
affect species’ persistence, success and adaptation (Byrne, 2011). Due to the high percentage 
of cells exposed to ocean conditions, invertebrate larvae may be more vulnerable to changes 
in ocean chemistry than to adults (Pechenik, 1999; Melzner et al., 2009). As oceanic pCO2 
increases, diffusion of CO2 out of the cells becomes difficult. In adults, and some juveniles, 
                                                          
2
 This chapter is reproduced as it was published (Bylenga et al., 2015). The experimental concept, design, 
performance and data analysis was performed by myself. The manuscript was written by myself with comments 
and editing provided by Drs. Vonda Cummings and Ken Ryan, the secondary authors, as well as three 
anonymous reviewers and Marine Ecology Progress Series editor Dr. James McClintock. 
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the pH gradient may be maintained either by increasing the metabolic rate or by switching to 
anaerobic metabolism. However, larvae have a limited capacity to regulate internal pH and 
ion transport systems (Melzner et al., 2009; Waldbusser et al., 2013). 
Responses to temperature stress in invertebrate larvae are diverse and may include altered 
growth rates, increases in abnormal development and mortalities, as well as mitigation of pH 
effects (Byrne et al., 2011; Davis et al., 2013; Pecorino et al., 2014). The impacts of changes 
in pH and temperature on fertilisation vary in marine organisms, with many species being 
resistant to all but the most extreme conditions and others only showing negative impacts 
when stressors are combined (Byrne, 2011; Ericson et al., 2012; Gonzalez-Bernat et al., 
2013). Furthermore, the observed effects of temperature and pH stressors on fertilisation may 
be dependent on sperm concentrations, population or experimental design (Reuter et al., 
2011; Ho et al., 2013; Sewell et al., 2013). Other responses to temperature and pH stress 
include smaller larvae, reduced lipid content, reduced calcification and increased abnormal 
development (Talmage and Gobler, 2011; Nguyen et al., 2012; Andersen et al., 2013; Byrne 
et al., 2013a). Reduced pH can cause down-regulation of genes involved in skeletogenesis 
and metabolism in sea urchin larvae (O'Donnell et al., 2010), while reduced survivorship, 
particularly in later development stages, has been observed in mollusc larvae (Talmage and 
Gobler, 2009; Van Colen et al., 2012).  
In bivalves, changes in shell development have occurred in response to ocean acidification 
and warming. These include reduced calcification, weakened shells, increased pitting, and 
changes in CaCO3 crystal structure (Watson et al., 2009; Beniash et al., 2010; Gaylord et al., 
2011; Gobler and Talmage, 2013). Additionally, deformities in shell hinges and valve edges 
have occurred, which may significantly reduce larval survival by impairing feeding behaviour 
and mobility (Talmage and Gobler, 2010; Andersen et al., 2013; Gazeau et al., 2013; Parker 
et al., 2013).  
The Antarctic geoduck, Laternula elliptica, is a deep burrowing bivalve with a 
circumpolar distribution. It occurs at depths from 0 to 360 m, but is common between 5 and 
30 m where densities of 50 to 170 ind. m-2 have been recorded (Powell, 1965; Hendler, 1982; 
Ahn, 1994; Cummings et al., 2011). Adult L. elliptica are temperature sensitive, with animals 
from the Antarctic Peninsula region having a reduced capacity for activities such as reburying 
at 2.5°C and exhibiting a complete loss of reburying capability at 5°C (Urban and Silva, 
1998; Peck et al., 2002; Peck et al., 2004). Above 6°C, increased oxygen consumption 
21 
 
followed by a switch to anaerobic metabolism occurs, and prolonged exposure to 
temperatures exceeding 9°C is lethal (Heise et al., 2003; Peck et al., 2004). L. elliptica may 
be able to withstand small elevations in temperature by entering into low or anaerobic 
metabolic states, allowing for the conservation of energy until conditions become more 
favourable (Morley et al., 2007). Longer-term exposure to elevated temperatures suggests 
that adults have little or no capacity for acclimation, although their responses may be 
dependent on other factors such as season and food supply (Morley et al., 2012a, b). 
The responses of L. elliptica to reductions in pH are less well studied. When exposed to 
low pH sea water, empty shells are prone to rapid dissolution (McClintock et al., 2009). 
Living L. elliptica adults exposed to low pH increased expression of the heat shock protein 
HSP70 and chitin synthase, an enzyme involved in shell formation (Cummings et al., 2011). 
Oxygen consumption also increased with decreased pH, indicating a metabolic effect. 
Despite these changes in protein expression and metabolism, exposure to reduced pH did not 
result in mortality after 120 days (Cummings et al., 2011). Although the adults appear 
resilient (at least in the short term) to lowered pH and elevated temperatures on the order 
predicted for the end of this century, effects on early life history of this key bivalve are as yet 
unknown. 
 L. elliptica is a simultaneous hermaphrodite with seasonally and age dependent growth 
and gonad development (Ahn et al., 2003, Husmann et al., 2016). Larvae are large (220 µm) 
and lecithotrophic (Pearse et al., 1985; Pearse et al., 1986). Spawning times vary with 
significant interannual variation (Ahn et al., 2003). Peak spawning occurs from late February 
to mid-May in McMurdo Sound (Ross Sea), and in late December through February on the 
Antarctic Peninsula with juveniles settling in the sediments in the following months (Ahn et 
al., 2000; Pearse et al., 1985; Pearse et al., 1986). The sensitivity of L. elliptica fertilisation 
and larval development to warming and acidification is addressed in this study. Fertilisation 
success and subsequent progression of development, abnormality and mortality are examined 
in the context of ecologically relevant elevated temperature and reduced pH.  
2.2 Methods 
2.2.1 Collection 
Adult L. elliptica (4.2-8.9 cm shell length) were collected from the McMurdo Station 
intake jetty (77°51.093’ S 166°39.931’ E), Ross Sea, Antarctica, in November 2012. They 
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were transported to New Zealand, and held in flow-through tanks with filtered (0.1 µm) 
seawater chilled to -1.6°C, at pH 7.98 (ambient conditions in the Ross Sea at the time of 
collection), until March 2013. They were fed Shellfish Diet 1800 (Reed Aquaculture, USA), 
a liquid algal mix.  
2.2.2 Experiment Setup 
A combination of three pH and three temperature treatments were chosen to determine the 
effects of acidification and/or warming on fertilisation and subsequent embryonic and larval 
development. These included temperature and pH controls (-1.6°C and pH 7.98, 
respectively). Projections of change in sea surface temperature and pH through to the end of 
the century were represented by two elevated temperatures (-0.5 and 0.4°C) and two reduced 
pHs (pH 7.80 and 7.65) (Table 2.1; Orr et al., 2005; IPCC, 2013). As a maximum of eight 
treatments were possible due to system logistical constraints, the combination of 0.4°C and 
pH 7.80 was not included.  
2.2.2.1 Temperature and pH Manipulation and Measurement 
Temperature and pH manipulations were performed in eight separate header tanks, which 
supplied the 48 treatment tanks through insulated lines. The pH in each header tank was 
manipulated through the diffusion of food grade CO2, and controlled using Omega pH 
controllers (Model PHCN-37-AI-230-03). Temperature was manipulated using 2000 W 
submersible heater elements that were controlled by Omega CN740 controllers connected to 
precision PT100 probes that also logged temperature (Table 2.1). Temperatures and pH, on 
the total hydrogen scale, were monitored for each header tank 8 times per day using 
LabView® software. This automated system, detailed in McGraw et al. (2010), allows 
precise control by measuring pH spectrophotometrically and correcting for aberrations from 
target pHs (Table 2.1; McGraw et al., 2010; Cummings et al., 2011). Flow was maintained at 
200 ml min-1.  On days 6, 16 and 45, water samples were taken from each of the eight header 
tanks and preserved with HgCl2 for analysis of dissolved inorganic carbon (DIC) and 
alkalinity (AT) (Table 2.1). Saturation states of aragonite (ΩAr) and calcite (ΩCa) and partial 
pressure of CO2 (pCO2) at experimental temperatures and salinity were calculated from 
measured pH and AT using refitted equilibrium constants (Mehrbach et al., 1973; Dickson 
and Millero, 1987). Analytical methods follow those detailed in Cummings et al. (2011). 
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Table 2.1. Seawater conditions for all experimental treatments. Average temperature (°C; n=360), pH 
(measured on the total hydrogen scale; n=360), total alkalinity (AT; n=3) and dissolved inorganic 
carbon (DIC, n=3), partial pressure of CO2 (pCO2) is calculated from AT and pH, ΩAr and ΩCa are 
calculated from AT and pH.  Values presented are mean ± standard error. Salinity was 34.2 psu.   
Temp (°C) pH AT (µmol kg-1) 
DIC 
(µmol kg-1) 
pCO2 
(ppm) ΩAr ΩCa 
-1.6 ± 0.01 7.97 ± 0.001 2263.3 ± 8.2 2183.8 ± 8.1 350.1 ± 1.3 1.37 ± 0.01 2.18 ± 0.01 
 
7.79 ± 0.001 2260.3 ± 8.9 2233.0 ± 4.0 554.6 ± 2.2 0.92 ± 0.01 1.47 ± 0.01 
 
7.63 ± 0.001 2266.0 ± 5.8 2271.2 ± 9.4 823.3 ± 2.1 0.65 ± 0.01 1.04 ± 0.01 
-0.5 ± 0.01 7.99 ± 0.002 2265.0 ± 8.3 2174.4 ± 3.8 367.2 ± 1.4 1.37 ± 0.01 2.19 ± 0.01 
 
7.80 ± 0.001 2264.8 ± 6.2   2254.0 ± 22.4 569.0 ± 1.6 0.95 ± 0.01 1.52 ± 0.01 
 
7.64 ± 0.001 2264.0 ± 7.2   2270.8 ± 15.0 835.6 ± 2.7 0.68 ± 0.01 1.08 ± 0.01 
0.4 ± 0.01 7.99 ± 0.001 2260.0 ± 8.4 2173.8 ± 5.8 383.6 ± 1.4 1.38 ± 0.01 2.19 ± 0.01 
 
7.63 ± 0.001 2260.5 ± 9.2 2260.0 ± 4.2 893.0 ± 3.7 0.66 ± 0.01 1.06 ± 0.01 
 
 
2.2.3 Gamete Collection and Fertilisation 
Eggs and sperm were collected from separate individuals to avoid self-fertilisation. The 
eggs were collected from 22 individuals by piercing the female portion of the gonad and 
using a Pasteur pipette to collect the eggs that flowed out. The eggs were pooled and the 
volume made up to 1.5 L with -1.6°C seawater. Thirty ml of the egg solution (approximately 
7,000 eggs) was added to a 400 ml fertilisation container suspended in a 4 L insulated tank. 
Seawater at the experimental temperature flowed through the 4 L tanks, maintaining 
experimental temperatures in the fertilisation containers. Eggs were acclimatised to 
experimental conditions by adding seawater at the respective experimental temperature and 
pH to make up the volume within the fertilisation containers to 200 ml.  
Twenty-four hours later, sperm were collected from 10 different individuals by cutting 
into the male portion of the gonad until sperm flowed out. A small sample of sperm collected 
from each bivalve was examined to determine motility. Sperm was pooled in a 1 L glass 
beaker, the volume topped to 500 ml using -1.6°C seawater and 10 ml of sperm solution was 
added to each fertilisation container with eggs. Sperm concentration in the fertilisation 
containers was approximately 3 x 107 sperm ml-1 (Powell et al., 2001). Once an hour, the 
water was gently agitated with a Pasteur pipette to ensure mixing. Four hours after the 
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addition of the sperm, a sample of approximately 50 eggs was removed from each container 
using a Pasteur pipette and preserved in Carriker’s solution for observations of fertilisation 
success as described below (Carriker, 1950). Following this sampling, the contents of the 
fertilisation containers were carefully emptied and rinsed into the 4 L tanks, through which 
seawater flowed at experimental conditions. The larvae were negatively buoyant and 
remained on the bottom of the tanks.  
2.2.4 Assessing Fertilisation and Larval Development 
Development was tracked over the following 45 days at varying intervals (hours to days), 
chosen to target particular embryonic and larval stages. Samples were collected at 4 and 6 
hours post-fertilisation (PF) and every 1-2 days thereafter for 41 days. Sample points were 
chosen to reflect previous observations in ambient conditions of the first occurrence of each 
development stage in L. elliptica (pers. obs., Table 2.2). The larvae are negatively buoyant 
and remain encapsulated through to the D-larval stage (pers. obs., Ansell and Harvey, 1997). 
On each occasion, a sample of at least 50 eggs/embryos/larvae was removed from each 
replicate tank by running a Pasteur pipette along the bottom of the tank to ensure haphazard 
selection. Fertilisation success was determined after 4, 6, 24 and 48 h. At these and the 
following sample points, embryos and larvae were classified into seven developmental stages 
using a stereomicroscope to assess the progression of development (Fig. 2.1). The 
percentages of fertilised larvae that were dead or abnormally developed were also 
determined. Larvae were considered abnormal if they displayed unusual cell development 
(e.g. Fig. 2.1g, h). 
 
Table 2.2. Projected first observations of individual larval stages. 
Sample Point Stage (First observation) 
4 h 2-cell embryo 
24 h 8-cell embryo 
48 h 16-cell embryo 
4 d Blastula 
10 d Trochophore 
17 d Veliger 
20 d D-larvae 
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Fig. 2.1. Examples of embryos and larvae at the a) 2-cell (6 h PF), b) 16-cell (3 d PF), c) blastula (11 
d PF), d) trochophore (with cilia, 16 d PF), e) veliger (25 d PF) and f) D-larvae developmental stages 
(25 d PF). Examples of abnormal development observed during the blastula stage (11 d PF) are shown 
in g) and h). Imaged larvae were raised at control conditions. Scale bars 100µm. 
 
2.2.5 Statistical Analysis 
All statistical analysis was performed using IBM SPSS Statistics, version 20. Normality of 
the data was verified using Shapiro-Wilk’s test and equality of variances was confirmed 
using Levene’s test. The relation of the developmental responses to pH and temperature was 
examined by fitting the data to a general linear model. Percent fertilisation, the individual 
developmental stages and percent abnormalities were used as dependent variables while pH 
and temperature, and ΩAr at the later stages, were fixed factors, and a temperature × pH 
interaction term was used. Where interactive effects were significant, or trended towards 
significance (p < 0.100), individual between group t-tests were performed for temperature at 
each experimental pH and for pH at each experimental temperature. In order to reduce type-I 
errors, a Bonferroni correction was used to account for multiple measures (α = 0.017): only p-
values < α were considered significant. If the general linear model indicated overall 
individual statistical significance (p < 0.050) of either temperature or pH, a post-hoc 
Bonferroni multiple comparison test was performed to determine effects of pH averaged over 
temperature and temperature averaged over pH, on larval stage percentages and abnormalities 
at each time point. 
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Progression of development through the trochophore and D-larval stages was analysed 
using a repeated measures general linear model with temperature and pH (trochophore stage), 
or ΩAr (D-larval stage), as fixed factors. 
2.3 Results 
Temperature and pH data are detailed in Table 2.1. ΩAr was undersaturated at pH 7.80 and 
7.65, while ΩCa remained above, but close to, undersaturation at pH 7.65 (Table 2.1). All 
adults dissected had fully mature and ripe gonads with large numbers of eggs and sperm. 
Eggs ranged in size from 180 to 230 µm and were encapsulated in a thick (30 µm), slightly 
sticky membrane. Sperm were highly motile (~99%) when activated with fresh seawater. 
Fertilised eggs often clumped and the sticky membranes collected algae and other debris. 
Abnormal development of larvae was observed at all stages in all treatments.  
 
 
 
 
 
 
 
 
 
 
 
 
Table 2.3. (Opposite Page) General linear model results for a) fertilisation success, b) development 
progression and c) abnormal development by time post-fertilisation. Temperature, pH and a 
temperature × pH interactive term were fixed factors. Bolded p-values indicate significance where p < 
0.050. 
27 
 
 
Temperature pH Temp. × pH 
  
F2, 40  p F2, 40  p F3, 40  p 
(a) Fertilisation  
4 h 31.823 <0.001 0.097 0.908 5.992 0.002 
6 h 9.478 <0.001 2.114 0.134 0.964 0.419 
24 h 0.317 0.730 0.977 0.385 1.670 0.189 
48 h 1.858 0.169 0.808 0.453 1.027 0.391 
(b) Developmental progression 
2-Cell embryo 
     4 h 128.883 <0.001 0.811 0.452 2.234 0.099 
6 h 20.327 <0.001 3.651 0.035 0.752 0.527 
8-Cell embryo 
     
24 h 8.222 0.001 3.971 0.027 2.599 0.065 
16-Cell embryo 
     
48 h 16.164 <0.001 20.465 <0.001 9.146 <0.001 
Trochophore  
15 d 30.019 <0.001 1.485 0.239 0.959 0.959 
Veliger 
     17 d 352.473 <0.001 12.186 <0.001 6.412 0.001 
20 d 470.430 <0.001 0.752 0.478 2.314 0.090 
D-Larvae           
17 d 152.312 <0.001 3.374 0.044 3.944 0.015 
18 d 82.969 <0.001 11.38 <0.001 1.880 <0.001 
20 d 75.513 <0.001 7.087 0.002 8.416 <0.001 
22 d 83.985 <0.001 7.116 0.002 4.437 0.009 
24 d 122.428 <0.001 32.121 <0.001 5.025 0.005 
27 d 22.803 <0.001 11.029 <0.001 3.511 0.024 
29 d 16.293 <0.001 6.912 0.003 0.459 0.712 
(c) Abnormal Development 
4 h 2.298 0.114 0.543 0.585 5.511 0.003 
6 h 2.910 0.066 2.103 0.135 7.472 <0.001 
48 h 2.582 0.088 1.624 0.210 0.593 0.623 
3 d 0.070 0.933 0.508 0.605 0.354 0.786 
4 d 1.207 0.310 0.352 0.705 3.030 0.040 
6 d 0.489 0.619 1.240 0.301 6.295 0.001 
8 d 19.455 <0.001 1.749 0.187 3.855 0.016 
10 d 4.027 0.026 1.647 0.205 0.247 0.863 
11 d 7.656 0.002 0.183 0.834 1.439 0.246 
13 d 3.719 0.033 0.160 0.853 0.151 0.929 
15 d 3.841 0.030 1.611 0.212 0.672 0.574 
17 d 2.390 0.105 0.478 0.624 0.280 0.840 
18 d 2.276 0.116 0.422 0.659 0.450 0.750 
20 d 1.948 0.156 1.605 0.214 0.133 0.940 
22 d 0.620 0.543 0.636 0.535 0.562 0.643 
24 d 4.460 0.018 1.393 0.260 0.552 0.650 
27 d 3.709 0.033 0.331 0.720 0.158 0.924 
29 d 0.784 0.463 0.375 0.689 0.377 0.770 
35 d 3.597 0.037 0.449 0.641 0.161 0.922 
41 d 5.568 0.007 2.341 0.109 0.097 0.961 
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2.3.1 Fertilisation Success and Early Embryonic Stages 
Fertilisation success reached a maximum of approximately 85% at 48 h PF (Fig. 2.2). A 
significant interactive effect of pH and temperature was observed in the first hours of 
fertilisation (p=0.002; Table 2.3), with the impact of reduced pH on fertilisation success 
dependent on the incubation temperature. In the control temperature treatments, fertilisation 
was significantly lower at the control pH than at either of the two reduced pH levels (t(10) = 
4.09, p = 0.001 and t(10) = 3.68, p = 0.002, respectively; Fig. 2.2a). Conversely, at 0.4°C, 
fertilisation was lower at pH 7.65 compared to control (t(10) = 2.98, p = 0.006; Fig. 2a). 
 
Fig. 2.2. Percentage of eggs fertilised at experimental temperatures and pH after a) 4 hours, b) 6 
hours, c) 24 hours and d) 48 hours; error bars are standard error; letters indicate significance among 
treatments where p < α, treatments sharing the same letter are not significantly different; the 
temperature/pH combination of -0.5°C/pH 7.80 was not used. PF = post-fertilisation, NS = no 
significance. 
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Irrespective of pH, temperature had an effect on fertilisation success that was dependent 
on the time PF. Four and six h PF, elevated temperature treatments had higher fertilisation 
success than those at the control temperature, regardless of pH treatment (4 h PF: p < 0.001; 
Fig. 2a; 6 h PF: p < 0.001; Fig. 2.2b, Table 2.4). By 24 and 48 h PF, there were no individual 
or interactive effects of temperature treatment on fertilisation success (p > 0.050; Fig. 2.2c 
and d, respectively, Table 2.4).  
 
Table 2.4. Development timing by treatment showing when at least 50% of the normally developing 
larvae were at a particular stage. 
Stage Time of approximate 50% abundance 
Temp. (°C): -1.6 -1.6 -1.6 -0.5 -0.5 -0.5 0.4 0.4 
pH: 7.98 7.80 7.65 7.98 7.80 7.65 7.98 7.65 
Fertilised 4 h 4 h 4 h 4 h 4 h 4 h 4 h 4 h 
2-cell 6 h 6 h 6 h 4 h 4 h 6 h 4 h 4 h 
8-cell 24 h 24 h 24 h 24 h 24 h 24 h 24 h 24 h 
16-cell 48 h 48 h 48 h 48 h 48 h 48 h 48 h 48 h 
Blastula 4 d 4 d 4 d 4 d 4 d 4 d 4 d 4 d 
Trochophore 15 d 15 d 15 d 15 d 16 d 15 d 15 d 15 d 
Veliger 22 d 22 d 22 d 17 d 17 d 18 d 17 d 17 d 
D-larvae 24 d 25 d 26 d 22 d 22 d 25 d 18 d 22 d 
 
Progression of development through each stage was impacted by both elevated 
temperature and reduced pH (Tables 2.3 and 2.4). Temperature strongly influenced 
development to the 2-cell stage, 4 and 6 h PF. Significantly fewer 2-cell stage embryos were 
found at the control temperature compared to both elevated temperatures (p<0.002; Fig. 2.3b, 
Table 2.4). In the intermediate temperature treatment (-0.5°C; Fig. 2.3a), 4 h PF development 
was slower with reduced pH (t(10) = 3.88, p = 0.002). At 6 h PF, there were fewer 2-cell stage 
embryos at the control pH compared to reduced pH (p=0.035; Fig. 2.3b, Table 2.3). 
Interactive effects were non-significant 6 h PF (p=0.527; Table 2.3). 
By 24 h PF, over 50% of individuals were at the 8-cell development stage in all treatments 
(Table 2.4, Fig. 2.3c). While there was no interactive effect of pH and temperature (p=0.065; 
Table 2.3), both variables individually influenced development to the 8-cell stage 
(temperature: p<0.001; pH: p=0.027; Table 2.3). Post-hoc tests revealed percentages in the 8-
cell stage were significantly higher at both elevated temperatures than at the control 
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temperatures (-0.5°C: p = 0.012; 0.4°C: p = 0.006; Fig. 2.3c). Individuals raised at reduced 
pH had significantly higher percentages in the 8-cell stage compared to control pH (t(10) = 
2.52, p < 0.015; Fig. 2.3c).  
 
Fig. 2.3. Percentage of normally developing embryos at the a) 2-cell developmental stage at 4 hours 
and b) 6 hours PF, c) the 8-cell stage at 24 hours and d) the 16-cell stage at 48 hours at experimental 
temperatures and pH; error bars are standard error; letters indicate significance as described in Fig. 
2.2; the temperature/pH combination of -0.5°C/pH 7.80 was not used. PF = post-fertilisation, NS = no 
significance. 
By 48 h PF, development had progressed to the 16-cell stage (Table 2.4, Fig. 2.3d). An 
effect of pH was observed only in the two elevated temperature treatments, where 
percentages at the 16-cell stage were significantly higher at reduced pH (p < 0.001; Fig. 2.3d, 
Table 2.4).  
By 3 d PF, development was entering the blastula stage, but percentages were low. By 4 d 
PF, all normally developing embryos had progressed to the blastula stage (Table 2.4). 
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Development progression and abnormalities through the later blastula stage were not 
significantly impacted by temperature and/or pH. 
2.3.2 Trochophore and Veliger Stage Development 
Development time to the trochophore stage was significantly affected by elevated 
temperature (p < 0.001; Fig. 2.4, Table 2.3), with no individual or interactive effect of pH. 
Trochophore larvae appeared first in the 0.4°C treatment at 11 d PF and after 13 d PF at                  
-0.5°C. At the control temperature, only a very small percentage of trochophore larvae were 
noted 13 d PF, after which trochophore development quickly progressed. By 17 d PF, there 
were no significant differences among treatments.  
 
 
Fig. 2.4. Progression of normal larval development through the trochophore stage at each temperature, 
averaged over experimental pH; error bars are standard error. 
 
Timing of the veliger stage was significantly influenced by temperature and pH and an 
interaction term was detected (p = 0.001, in all cases; Table 2.3). The first of the veliger 
larvae appeared after 15 d in the elevated temperatures, compared to 17 d at the control 
temperature/pH and 20 d at the control temperature and pH 7.65. By 17 d PF, only 9% of the 
developing larvae at the control temperature/pH were at the veliger stage compared to over 
50% at -0.5°C (t(10) = 14.13, p < 0.001) and 80% at 0.4°C (t(10) = 23.40, p < 0.001; Table 2.4, 
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Fig. 2.5a).  After 20 d, this pattern of temperature dependence was still very evident as the 
percentage of veliger stage larvae in both elevated temperature treatments was >90%, 
significantly higher than levels at the control temperature (<25%: p < 0.001;  Fig. 2.5b, 
Tables 2.3 and 2.4).  
The effect of reduced pH on development to the veliger stage was dependent on the 
incubation temperature. At -0.5°C, 17 d PF, significantly fewer larvae were observed in the 
reduced pH treatment (pH 7.65) compared to control (t(10) = 7.65, p < 0.001) and pH 7.80 
(t(10) = 7.60, p < 0.001; Fig. 2.5a). Conversely, 20 d PF at -1.6°C, significantly more veligers 
were observed in the lowest pH treatment than in the control pH (t(10) = 3.87, p = 0.002; Fig. 
2.5b). There was no significant effect of pH at the highest temperature on either day (t(10) = 
1.34, p = 0.105 and t(10) = 1.19, p = 0.130; Fig. 2.5). 
 
 
Fig. 2.5. Percentage of developing larvae at the veliger stage at a) 17 and b) 20 days PF; error bars are 
standard error; letters indicate significance as described in Fig. 2.2. The temperature/pH combination 
of -0.5°C/pH 7.80 was not used. PF = post-fertilisation. 
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Fig. 2.6. Percentage of normally developing D-larvae raised at a) -1.6°C, b) -0.5°C and c) 0.4°C; error 
bars are standard error. 
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2.3.3 D-Larval Stage Development 
D-larvae first appeared at 17 d PF in the 0.4°C and -0.5°C treatments, and five days later 
in the control temperature treatments (Fig. 2.6). A significant interactive effect of pH and 
temperature on the progression of D-larvae development was observed from 17 d PF to 27 d 
PF. Development was slowest in the reduced pH treatments at all temperatures, with the 
longest delays occurring at elevated temperatures (Table 2.4). At each experimental 
temperature, pH had no effect on the first observance of D-larvae; however, the time needed 
for 50% of the normally developing larvae to reach the D-larval stage was increased at 
reduced pH, an effect that was amplified at elevated temperatures (Table 2.3, Fig. 2.6). At the 
lowest pH, larvae in the control temperature treatments were delayed 1-2 d (t(10) = 4.83, p < 
0.001, Table 2.4, Fig. 2.6a), compared to 3 and 4 d at the midrange (t(10) = 10.73, p < 0.001, 
Table 2.4, Fig 2.6b) and highest temperatures (t(10) = 11.28, p < 0.001; Table 2.4, Fig. 2.6c), 
respectively. At 29 d PF, a pH effect independent of temperature was still evident, with D-
larvae development being significantly faster in all control pH treatments, compared to both 
reduced pHs (p = 0.003; Fig. 2.6, Table 2.3).  
Elevated temperatures accelerated development to the D-larval stage. This trend was 
apparent regardless of pH treatment (Fig. 6). At 17 d PF, less than 1% of the normally 
developing larvae in the mid-range temperature of -0.5°C were D-larvae compared to 23% 
and 35% at 0.4°C (p < 0.001; Fig. 2.6b and c, Table 2.3). All normally developed larvae had 
reached the D-larval stage in all treatments by between 29 and 35 d PF. 
2.3.4 Abnormal Development 
Instances of abnormal development were influenced by both temperature and pH (Fig. 
2.7). However, the effect of temperature and pH on abnormalities was largely dependent on 
larval stage. At 4 h PF, 2-8% of fertilised and 2-cell stage embryos, on average, were 
abnormally developed, and by 6 h PF this number had increased slightly to 5-16% (Fig. 2.7a, 
b). Despite these low occurrences, a significant interactive effect was observed between pH 
and temperature at both time points (4 h: p=0.003; 6 h: p<0.001; Table 2.3). By 4 h PF, at the 
control temperature, significantly fewer abnormalities were observed in the control pH 
treatment compared to the reduced pH treatment (pH 7.65: t(10) = 2.61, p = 0.013; Fig. 2.7a).  
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Fig. 2.7. Percentage of developing larvae that were abnormal at experimental temperatures and pH 
following fertilisation at a) 4 hours and b) 6 hours PF; during early developmental stages at c) 4 days 
PF, d) 6 days PF, and e) 8 days PF; and f) during D-larvae development 35 days PF; error bars are 
standard error; letters indicate significance as described in Fig. 2.2. The temperature/pH combination 
of -0.5°C/pH 7.80 was not used. PF = post-fertilisation. 
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By 6 h PF, abnormal development in response to elevated temperature and reduced pH 
was varied (Fig. 2.7b). At the control temperature, the reduced pH (pH 7.65) increased 
abnormal development compared to the midrange pH (pH 7.80; t(10) = 3.07, p = 0.006). The 
highest occurrence of abnormality at -0.5°C was observed with midrange pH (t(10) = 6.15, p < 
0.001; Fig. 2.7b).  
A significant interactive effect of pH and temperature on the percentages of abnormally 
developing blastulas was observed 4, 6 and 8 d PF (p = 0.040, 0.001 and 0.016, respectively; 
Fig. 2.7c-e, Table 2.3).  Percentages were always lowest at the control temperature and pH   
(-1.6°C, pH 7.98). Embryos from the control temperature treatments exhibited significantly 
higher abnormality percentages at reduced pH (4 d PF: t(10) = 2.49, p = 0.016, Fig. 2.7c; 6 d 
PF: t(10) = 3.49, p = 0.003; Fig. 2.7d). Although this trend was still evident at 8 d PF, it was 
not statistically significant after Bonferroni correction (t(10) = 2.09, p = 0.031; Fig. 2.7e). 
Conversely, in the mid and high temperature treatments (-0.5°C and 0.4°C), the highest 
abnormality percentages occurred at the control pH (Fig. 2.7c, d). At -0.5°C, both reduced pH 
treatments had fewer abnormally developing individuals 4 and 6 d PF compared to control 
pH (pH 7.80: t(10) = 3.12, p = 0.005 and t(10) = 3.01, 0.007; pH 7.65: t(10) = 2.96, p = 0.007 and 
t(10) = 3.79, 0.002, respectively). A similar pattern was noted in the 0.4°C treatment 6 d PF; 
higher occurrences of abnormality were observed at the control pH (t(10) = 2.71, p = 0.011; 
Fig. 2.7d). By 8 d PF, at -0.5°C, the trend between control pH and pH 7.65 was still 
significant (t(10) = 3.98, p = 0.001), but abundances of abnormalities had increased at pH 7.80 
to equal percentages at the control pH (Fig. 2.7e). At 0.4°C, the differences in abnormal 
percentages due to pH were no longer significant after Bonferroni correction (t(10) = 1.97, p = 
0.039; Fig. 2.7e). 
Abnormalities were high in all treatments at the D-larval stage, ranging between 47% and 
68% (Fig. 2.7f). No interactive effects were observed. Post-hoc tests revealed control 
temperature treatments had the highest percentages of abnormal larvae but differences were 
only significant against mid-range temperature treatments (p = 0.042; Fig. 2.7f). There were 
no differences in abnormality percentages at -0.5°C and 0.4°C (35 d PF: p = 0.108). At all 
temperatures there were indications of negative impacts of reduced pH on D-larvae, however 
these were non-significant (Fig. 2.7f). Aragonite saturation state had no significant effect on 
abnormal development in D-larvae (p = 1.000). 
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2.4 Discussion 
Our data shows for the first time that larval development in L. elliptica is influenced by 
reduced pH and elevated temperature. The observed effects vary with both developmental 
stage and with stressor combination. Where significant effects were detected, increased 
temperature had a consistently positive influence on development, regardless of pH level, 
resulting in greater initial fertilisation and faster development and reducing occurrences of 
abnormalities at later developmental stages. The effects of reduced pH were varied, 
promoting development during some stages while delaying it in others. Independent from 
experimental temperatures, reduced pH did not significantly impact occurrences of abnormal 
development. Interactive effects of pH and temperature on development varied with stage. 
Fertilisation was high in all treatments, consistent with the highest rates reported in Powell et 
al. (2001). Overall, fertilisation in L. elliptica was robust against temperature and pH changes 
projected for the end of the century, both individually and in combination. However, the 
sperm concentrations in this experiment were within the optimal range (reported by Powell et 
al., 2001), and effects of temperature and pH stressors on fertilisation may be more evident at 
very low sperm concentrations (Reuter et al., 2011; Ho et al., 2013; Sewell et al., 2013), such 
as may be experienced in the wild. We noted higher fertilisation success at 4 and 6 h PF in 
the elevated temperature treatments. An initially high fertilisation success is potentially 
important because as time progresses past spawning, gametes may lose viability and local 
currents may dilute sperm concentrations. Consequently, the greater fertilisation success at 
elevated temperature observed for L. elliptica 4 and 6 h PF may help overcome such issues.  
The tolerance and faster development through to the D-larval stage at elevated temperature 
observed here reflect observations of other Antarctic invertebrates where small increases in 
temperature had positive or neutral impacts until thermal tolerance thresholds were reached 
(Pearse et al., 1991; Stanwell-Smith and Peck, 1998; Ericson et al., 2012; Kapsenberg and 
Hofmann, 2014). The temperature tolerance thresholds in L. elliptica may be well above 
existing conditions in the southern Ross Sea (McMurdo Sound). Populations along the 
Antarctic Peninsula may experience higher summer temperatures (ranging from 0.5 to 
1.5°C), which are within and above the projected temperatures for the Ross Sea (Brey et al., 
2011; Morley et al., 2012a). In adults, temperature tolerance limits are higher in Antarctic 
Peninsula compared to McMurdo Sound populations (Morley et al., 2012a). However, limits 
may be further influenced by animal size, oxygen saturation, exposure to additional stressors 
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or acclimation to elevated temperatures (Pörtner et al., 2006; Peck et al., 2007a; Morley et al., 
2012a; Morley et al., 2012b). In our study, the observed positive responses of L. elliptica 
larval development to temperatures up to 2°C above those currently found in McMurdo 
Sound also indicates some resilience, although the magnitude of the increase they can tolerate 
is unknown. Additionally, other stressors could further impact larval responses (e.g. reduced 
salinity, increased UV exposure). Exposure and acclimation of adults to adverse conditions 
can also influence tolerance of their offspring. For example, in the Antarctic sea urchin, 
Sterechinus neumayeri, long term (17 mo.) exposure of adults to reduced pH and elevated 
temperature improved larval performance, while 6 mo. exposure did not (Suckling et al., 
2015). In this experiment, gametes were collected from adults developing in ambient pH and 
temperature conditions for the Ross Sea.  
In late developmental stages, high percentages of abnormalities were observed in all 
treatments, although this was mitigated by elevated temperature. If the high occurrences 
observed here reflect abnormality rates in the wild, temperatures projected for the end of this 
century may result in larger populations at settlement due to fewer occurrences of 
abnormalities, as well as the reduction in time spent at stages vulnerable to predation. 
Warmer oceans may also alter temperature cues that initiate spawning or settling and 
metamorphosis, or may affect food availability during settlement by impacting the timing and 
magnitude of algal blooms (Clarke, 1982; Pechenik, 1999; Byrne, 2011; Ericson et al., 2012). 
Additionally, faster settlement could come with a potential trade-off of reduced larval 
dispersal and thus genetic connectivity (Pechenik, 1999). However, species with demersal 
larvae such as L. elliptica may rely on close proximity to other individuals for optimal 
spawning success, and decreased dispersal may even increase fertilisation success (Pechenik, 
1999; Byers and Pringle, 2006; Byrne, 2011). 
The effects of reduced pH on larval development were variable and largely dependent on 
larval stage and incubation temperature. In late stage larvae, delays from reduced pH were 
greater at elevated temperatures, however, larvae raised at high temperature and low pH 
developed faster than those raised in control conditions (22 cf. 25 days to 50% abundance) 
due to the overall faster development rates at elevated temperature. This reflects observations 
in other species where the effects of reduced pH on development timing are mitigated by 
elevated temperature (Sheppard Brennand et al., 2010; Arnberg et al., 2013; Davis et al., 
2013). In other species, pH effects are amplified by increased temperature (Talmage and 
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Gobler, 2011; Pansch et al., 2012) or effects are fully independent (Parker et al., 2009; Parker 
et al., 2010). 
In single stressor studies, developmental delays in sea urchin larvae in response to reduced 
pH have been attributed to the allocation of energetic resources away from growth and 
development in order to maintain cellular function and calcification (Stumpp et al., 2011b). 
Slight delays in development timing may negatively affect larvae by prolonging planktonic 
stages resulting in transport away from favourable settlement conditions or through 
prolonged exposure to predation or unfavourable conditions (Dupont et al., 2010; Stumpp et 
al., 2011b). Lecithotrophic larvae, such as those of L. elliptica, are dependent on maternally 
provided lipid stores during gametogenesis until hatching and settlement (Pearse et al., 1986).  
Ocean acidification could prolong development, draining energy resources, although this 
may be mitigated by the faster development observed with elevated temperatures. Due to 
sufficient energetic resources, other encapsulated invertebrate larvae display an initial 
capacity for high calcification during early development even under acidified conditions 
(Timmins-Schiffman et al., 2013). Under ambient conditions, other Antarctic species have 
lipid stores in excess of what is needed for larval development, allowing for the development 
of larger juveniles (McClintock and Pearse, 1986). However, energetic reserves are limited 
and development delays, as well as environmental stress and subsequent metabolic responses, 
may increase the use of energy reserves to the point where available energy is insufficient for 
development (Pörtner, 2008; Dupont et al., 2010; Dorey et al., 2013). For example, reduced 
lipid content coinciding with prolonged development timing has been observed in bivalve 
larvae exposed to elevated pCO2 (Talmage and Gobler, 2011).  
Incidences of abnormal development in D-larvae were not influenced by reductions in pH. 
The constancy of abnormal development, even under reduced pH, may be related to L. 
elliptica larval encapsulation. Larvae are encapsulated in a thick (30 µm) gelatinous egg 
membrane, which may provide protection by buffering against external conditions, or 
conversely, create high pCO2 environments within the eggs (Ansell and Harvey, 1997; 
Pechenik, 1999). Encapsulated larvae of the gastropod Crepidula fornicata exhibit reduced 
calcification at reduced pH, but abnormalities and differences in shell sizes indicate a much 
greater tolerance compared to other non-encapsulated mollusc larvae (Noisette et al., 2014). 
Egg cases of cuttlefish significantly limit gas diffusion creating a high intercapsular pCO2 as 
development progresses, even under ambient pH (Dorey et al., 2013). However, despite the 
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reduced pH, cuttlefish are able to begin calcification of their aragonite shells and continue 
calcification after hatching as juveniles (Melzner et al., 2009; Dorey et al., 2013).  If a similar 
limitation of diffusion occurs in L. elliptica, larvae could be adapted to calcification under 
high pCO2.  
The D-larval stage is not only a point of high calcification as the shell is formed, it is at a 
stage where isolation of calcifying surfaces may be more energetically demanding compared 
to later developmental stages (Waldbusser et al., 2013). Additionally, shell formation may be 
influenced by the availability and solubility of CaCO3. Aragonite was undersaturated (ΩAr < 
1) at both reduced pH levels in our experiment (Table 2.1), indicating that the observed D-
larval developmental delay may be due to difficulties in shell maintenance. Closer 
examination of the D-larvae is required to assess treatment differences in shell formation and 
morphology.  
Reduced calcification in D-larvae would result in smaller, weaker larval shells which 
would be more susceptible to crushing injury and predation upon settlement. The 
requirements for successful settlement and metamorphosis into juveniles in L. elliptica are 
unknown. In other bivalves, settlement success can be dependent on a number of factors 
including substrate suitability or sediment saturation state (Snelgrove et al., 1993; Green et 
al., 2009; Green et al., 2013). Protracted development times indicate that shell formation in 
juveniles may occur in winter months in the Ross Sea when aragonite saturation states, at Ω < 
1 (McNeil and Matear, 2008), may be unfavourable for shell maintenance. Impacts of ocean 
acidification would likely persist past the D-larval stage, potentially impacting settlement 
cues and reducing survival and development of juveniles. 
To conclude, fertilisation in L. elliptica was affected by elevated temperature and reduced 
pH during the first 4-6 h; after which fertilisation was high in all treatments and robust to 
temperature and pH. No loss of gamete viability was observed. The observed influences of 
temperature and pH on development of the later veliger and D-larval stages suggest that 
future ocean warming may accelerate development to these stages, but that ocean 
acidification may limit this increase. Additionally, elevated temperatures reduced occurrences 
of abnormalities in D-larvae, while reduced pH ultimately had no effect. Despite no change in 
abnormalities, the slower development at reduced pH noted for this calcifying stage may 
indicate the diversion of energetic resources away from calcification/shell maintenance. 
Under continued exposure to these conditions, or in combination with other stressors, the 
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negative effect of reduced pH on larvae may become significant through reduced shell 
growth rates, increased energy demands, or increased mortality rates. More work is required 
to investigate the links between developmental delays, energetic reserves, and shell 
morphology in order to determine the ecological relevance of these changes in terms of 
longer term larval success.  
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Chapter 3 
Larval shell development in Laternula elliptica exposed to future 
climate change conditions 
 
3.1 Introduction 
Human use of fossil fuels and other activities has resulted in a significant increase in 
greenhouse gas emissions. Since the industrial revolution, atmospheric concentrations of CO2 
have risen by 40%, to over 400 ppm and are projected to rise to 450 ppm by 2100 (IPCC, 
2013; Tans and Keeling, 2015). In addition to warming brought on by greenhouse gases, 
increased partial pressure of CO2 (pCO2) can further impact marine environments where its 
uptake alters ocean chemistry. Carbon dioxide dissociates with seawater, resulting in an 
increase in [H+] and a subsequent drop in oceanic pH, a process referred to as “ocean 
acidification” (OA). Oceanic pH has dropped by 0.1 units since measurements began, with 
further drops of over 0.3 units projected for the end of the century (IPCC, 2013). Excess [H+] 
is buffered by free carbonate ions (CO32-), reducing their concentrations in seawater (Doney 
et al., 2009).
 
Ocean acidification may directly impact organisms through cellular acidosis and 
hypercapnia, while calcifiers may be further impacted by reduced saturation states (Ω) of 
calcium carbonate in seawater. The Ω is dependent on the relative concentrations of Ca2+ and 
CO32- (Doney et al., 2009; Steinacher et al., 2009): 
 Ω = [Ca2+] [CO32-]/K’sp 
When undersaturation is reached (Ω < 1), dissolution of biogenic carbonates is favoured. 
Due to differing stoichiometric solubility products (K’sp), Ω varies among polymorphs of 
calcium carbonate (Doney et al., 2009). Aragonite, a carbonate polymorph, is projected to 
reach undersaturation as early as 2050 in polar waters, and even earlier in winter months in 
the Southern Ocean (Feely et al., 2004; Orr et al., 2005; McNeil and Matear, 2008). In 
addition to increased dissolution of established calcified structures, organisms may also 
experience difficulties in biomineralisation due to the reduced availability of CO32-, which 
they may depend on for calcification (Fabry et al., 2008).  However, this will only impact 
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those that rely on seawater [CO32-]; some organisms, including bivalves, instead use HCO3- 
(Roleda et al., 2012; Thomsen et al., 2015). 
Furthermore, increased [CO2] may impact metabolism through alteration of the acid-base 
status (Michaelidis et al., 2005; Pecorino et al., 2014). Hypercapnia would place internal pH 
at disequilibrium with the seawater, meaning internal [CO2] would need to increase relative 
to external conditions to favour CO2 diffusion out of the cell. Invertebrates may respond to 
reduced pH by actively regulating internal acid-base conditions through metabolic 
consumption or active transport of protons. However, these may only be short term solutions 
or may require regulatory systems not present in sessile species or ones that experience little 
natural variability (Pörtner, 2002a; Michaelidis et al., 2005; Pörtner, 2010). Bivalves may be 
particularly sensitive to OA due to their low capacity to regulate the acid-base balance of 
their haemolymph, especially at vulnerable early stages (Lindinger et al., 1984; Melzner et 
al., 2011; Waldbusser et al., 2013; Waldbusser et al., 2015). Alternatively, internal acidosis 
may be buffered by HCO3-, supplied through the dissolution of skeletal structures 
(Michaelidis et al., 2005; Wicks and Roberts, 2012). This may result in reduced rates of shell 
growth in calcifiers such as bivalves (e.g. Berge et al., 2006).  
Laternula elliptica is a large, infaunal Antarctic bivalve that displays sensitivity to 
temperature and pH stressors. Increased temperatures limit energetic activities such as 
reburying, and impact metabolic rates, with prolonged thermal exposures resulting in 
mortality (Urban and Silva, 1998; Heise et al., 2003; Peck et al., 2004). In the larvae, 
increased temperatures result in faster development, and reduce occurrences of abnormalities, 
while reduced pH slows development, particularly at elevated temperature, with no change in 
survivorship (Bylenga et al., 2015). Under reduced pH, adults increase oxygen consumption, 
protein and chitin synthase gene expression, with no impacts on mortality (Cummings et al., 
2011). Additionally, empty valves rapidly dissolve in acidified seawater (McClintock et al., 
2009). However, the direct impacts of reduced pH on shell growth and integrity in live adults 
or larvae is unknown.  
The adult shells of L. elliptica are nearly entirely aragonitic and grow to be as large as 117 
mm (Barrera et al., 1994; Urban and Mercuri, 1998; Nehrke et al., 2012). The adult shell 
consists of two main layers, a thick outer homogenous granular layer and a thin inner 
nacreous layer (Sato-Okoshi and Okoshi, 2008; Sato-Okoshi and Okoshi, 2010). A thick 
periostracum covers most of the shell’s outer surface. As sessile, infaunal organisms, shell 
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integrity is important for withstanding crushing forces experienced during burial and ice 
movements. Adult shell development in L. elliptica displays a high level of phenotypic 
plasticity in response to environmental conditions, with shell morphology being linked to 
environmental disturbances (Harper et al., 2012). This may indicate a developmental 
response to environmental condition may exist in the larvae. 
Exposure to reduced pH during larval shell formation may be of particular importance. 
The first calcification that occurs in many larvae is amorphous calcium carbonate (ACC) 
which, over time, converts to aragonite (Weiss et al., 2002; Addadi et al., 2003). ACC is 
highly soluble as it lacks a regular crystalline structure (Addadi et al., 2003; Wilt, 2005), 
indicating that early stages may be more vulnerable to dissolution than adult stages.  
Reduced sizes in marine larvae, including bivalves are often observed in response to ocean 
acidification (e.g. Talmage and Gobler, 2011; Van Colen et al., 2012; Timmins-Schiffman et 
al., 2013). However, these smaller sizes often coincide with developmental delays, which 
suggests they are either a symptom of increased energetic costs associated with development 
or are due to reduced calcification (see Gaylord et al., 2011; Stumpp et al., 2011b). 
Calcification of bivalve larvae occurs in two distinct stages, one that corresponds with larval 
body size and the other with the rate of shell formation, offering an opportunity to address 
this question. Larval calcification begins at the trochophore stage when specialised 
ectodermal cells initiate shell formation (Carriker, 1996). These cells invaginate to form the 
shell gland, while the rest of the structure forms the periostracum (Eyster and Morse, 1984; 
Weiss et al., 2002; Barros et al., 2013). Calcification of prodissoconch I (PI, Fig. 3.1), the 
first larval shell, begins when the periostracum fully spans the epithelial surface. PI is 
complete when the new shell meets at the margins, completely enclosing the body, forming a 
straight-hinged D-shaped larva (Waller, 1981). Calcification then switches from the shell 
field to the mantle, beginning the development of prodissoconch II (PII, Fig. 3.1). During PII 
development shell deposition continues from the shell margins in conspicuous growth bands, 
as well as the inside of the shell, terminating at metamorphosis (Carriker, 1996; Kraeuter and 
Castagna, 2001). Therefore, PI correlates to the size of the larvae at competency, while PII 
corresponds to shell growth, and subsequently, the rate of calcification between PI and 
metamorphosis (Martel et al., 1995; Martel et al., 2014). 
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Fig. 3.1. SEM image of the shell of a L. elliptica D-shape larva, showing prodissoconch I (PI), the 
boundary between PI and PII (B) and the narrow band of prodissoconch II (PII). H and L indicate 
measurements of shell height and length, respectively of PI. Scale bar as indicated. 
 
Calcification typically occurs in the extrapallial fluid, which is supersaturated with CaCO3. 
Bivalves may raise pH in the extrapallial fluid to aid the calcification process, possibly 
through active proton removal (McConnaughey and Gillikin, 2008). Under environmental 
stress there may be an increased energetic cost in maintaining calcification (Cohen et al., 
2009). Additionally, ocean acidification is not the only stressor that may be experienced. 
Elevated temperatures may also influence species responses by increasing metabolic rates 
(Higgins et al., 2012), or by impacting survival, larval sizes and development (Byrne et al., 
2011; Davis et al., 2013) and increasing development rates (Davis et al., 2013; Dorey et al., 
2013). OA may increase sensitivity to other stressors (Mostofa et al., 2015; Przeslawski et al., 
2015). Alternatively, exposures to other stressors may exacerbate or mitigate the effects of 
OA (Parker et al., 2009; Byrne et al., 2011; Parker et al., 2013; Pecorino et al., 2014). 
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Reduced pH may impact more than shell size. Other effects include abnormal 
development of hinge and valve structure (Talmage and Gobler, 2010; Andersen et al., 2013), 
abnormal calcification (Watson et al., 2009), reduced shell integrity (Gaylord et al., 2011) 
and shell dissolution (Watson et al., 2009). Many bivalves rely heavily on shell structure to 
aid in feeding and mobility (Talmage and Gobler, 2010). Deformities in shell hinges and 
valve edges may significantly reduce larval survival, while reduced shell integrity would 
increase susceptibility to predation or crushing injuries (Talmage and Gobler, 2010; Gaylord 
et al., 2011; Andersen et al., 2013). In order to examine the impacts of future climate change 
on shell formation during early life history stages of L. elliptica, shell size and quality was 
assessed in larvae raised under ecologically relevant scenarios of elevated temperature and 
reduced pH.  
3.2 Methods 
3.2.1 Collection 
In November 2012, 32 adult Laternula elliptica were collected from the intake jetty at 
McMurdo Station (77°51.093’ S 166°39.931’ E), Ross Sea, Antarctica. They were 
transported to Wellington, New Zealand where they were held in free flowing filtered 
(0.1µm) seawater at -1.6°C and pH 7.98 (ambient conditions at the time of collection) until 
March 2013. They were fed a liquid algal mix (Shellfish Diet 1800, Reed Aquaculture, USA), 
3 times per week. 
3.2.2 Experimental setup 
Larvae were raised under eight temperature/pH treatments in order to assess impacts of 
OA and warming on larval development (see Chapter 2). In addition to a temperature and pH 
control (-1.6°C and 7.98, respectively), elevated temperatures of -0.5 and 0.4°C were chosen 
to reflect end of century projections for the Ross Sea (IPCC, 2013). Projections for pH were 
represented by two reduced pH treatments, 7.80 and 7.65 (IPCC, 2013; Orr et al., 2005). 
Logistical constraints allowed for a maximum of eight treatments, resulting in the 
temperature/pH combination 0.4°C and 7.80 not being used. Temperature and pH 
manipulations are detailed in Chapter 2 and Table 2.1. 
3.2.3 Microscopy 
Larvae were raised to the D-larvae stage, the first occurrence of a fully shelled larva in 
bivalves, as described in Chapter 2. Ninety-six hours after the point at which approximately 
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50% of the normally developing larvae in each treatment had reached the D-larvae stage 
(completing PI development); a sample of approximately 200 larvae was removed from each 
replicate and preserved in 90% ethanol.  
Individual larvae from each treatment replicate (n=4) were examined under a scanning 
electron microscope, (SEM: JEOL, JSM-6610LA, Japan) to determine sizes and shell 
morphology. Preserved larvae were rinsed with deionised water to remove as much of the 
ethanol as possible. Larvae were careful excised from each egg capsule using a scalpel blade 
under a dissecting microscope. Shelled larvae were then placed in a drop of deionised water 
on carbon tape on aluminium stubs (~65 larvae per stub). The samples were air dried, and 
excess organic material was removed by plasma ashing for 30 min, and stored in a vacuum 
desiccator until analysis. Samples were platinum coated (10 nm) and imaged.  
Under SEM, D-larvae on each stub were counted and scored for instances of severe 
damage or malformation. Malformation counts included larvae that deviated from the 
expected D-shape and also included larvae that were uncalcified. From each sample, 10 intact 
larvae with a normal D-shape were then selected for analysis of shell size and quality of shell 
formation (magnification x350-500). The PI length (anterior to posterior) and height (hinge to 
ventral edge, see Fig. 1) were measured for each larva to assess body size at the onset of 
calcification. PII length measurements are typically taken as the length across the larval body, 
from edge to edge. This includes the length of PI and the new growth on PII. However, as 
variations in PI size would influence total PII length, we measured growth of PII from the 
terminal edge of PI to the new shell margin. This measurement was made at three standard 
points along the shell edge, and these values averaged to attain a single PII length for each 
individual and an estimate of shell growth. 
Images were imported into ImageJ (version 1.47t) and each individual was further 
assessed for evidence of damage and malformation of the shell surface. On each image, the 
total pixel areas of shell malformation, cracking or pitting were determined and expressed as 
a percentage of the total shell area. Values of the 10 individuals from a particular replicate 
were averaged to obtain one value for each parameter for each replicate prior to statistical 
analysis. 
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3.2.4 Statistical Analysis 
All statistical analysis was performed using SPSS, version 22. Normality of the data was 
verified using Shapiro-Wilk’s test and equality of variances was confirmed using Levene’s 
test. Differences in shell size at PI and PII, as well as shell quality, were related to pH and 
temperature by fitting the data to a general linear model using pH and temperature as fixed 
factors, with a temperature × pH interaction term. If the general linear model indicated 
overall individual statistical significance (p < 0.05) of either temperature or pH, a post-hoc 
Bonferroni multiple comparison test was performed to determine effects of pH averaged over 
temperature and temperature averaged over pH, on larval shell sizes and quality. Where 
interactive effects approached significance (p < 0.100), a one-way ANOVA was performed 
with treatment as a single factor.  
3.3 Results  
Calcification of PI and PII occurred in encapsulated larvae in all treatments, despite 
aragonite being undersaturated (Table 3.1) at both reduced pH levels. Fully shelled D-larvae 
at PI were capable of rotating within the egg capsule but development of PII caused the larval 
shell to press against the edges of the egg capsule, preventing later larvae from rotating (Fig. 
3.2). 
Table 3.1. Seawater conditions for all experimental treatments. Average temperature (°C; n=360), pH 
(measured on the total hydrogen scale; n=360), partial pressure of CO2 (pCO2) is calculated from AT 
and pH, ΩAr is calculated from AT and pH.  Values presented are mean ± standard error. Salinity was 
34.2 psu. Further details are given in Chapter 2 Table 2.1. 
Temp (°C) pH pCO2 (ppm) ΩAr 
-1.6 ± 0.01 7.97 ± 0.001 350.1 ± 1.3 1.37 ± 0.01 
 
7.79 ± 0.001 554.6 ± 2.2 0.92 ± 0.01 
 
7.63 ± 0.001 823.3 ± 2.1 0.65 ± 0.01 
-0.5 ± 0.01 7.99 ± 0.002 367.2 ± 1.4 1.37 ± 0.01 
 
7.80 ± 0.001 569.0 ± 1.6 0.95 ± 0.01 
 
7.64 ± 0.001 835.6 ± 2.7 0.68 ± 0.01 
 0.4 ± 0.01 7.99 ± 0.001 383.6 ± 1.4 1.38 ± 0.01 
 
7.63 ± 0.001 893.0 ± 3.7 0.66 ± 0.01 
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Fig. 3.2. D-larvae displaying encapsulated development of prodissoconch I and II (PI and PII). In the 
profile view of the larva on the right, note elongation of egg capsule due to PII growth. C indicates the 
thick gelatinous capsule in which the larvae develop. Scale bar = 200µm. 
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Table 3.2. Summary table of 2-way ANOVA for factors pH and temperature on shell measurements, 
shell shape and larval quality of D-larvae. Significant results in bold. 
  
  
pH Temperature Temp. × pH 
F2, 215 p F2, 215 p F3, 215 p 
Larval Quality 
     
Malformation  4.632
a
 
   0.027 0.481
a
 
0.627 0.098
b
 
   0.960 
Shell Quality 75.521 < 0.001 5.281 0.006 6.818 < 0.001 
      Shell Measurements 
      
PI Height 1.318 0.270 4.290 0.015 3.009 0.031 
PI Length 1.525 0.506 2.048 0.132 0.781 0.200 
PII Growth 0.562 0.571 11.056 < 0.001 5.146 0.002 
a
 F2, 15, 
b
 F3, 15 
  
 
 
3.3.1 Larval Shell Quality 
Damage appeared as heavy pitting and cracking in some shells (Fig. 3.3b-d, cf. with Fig. 
3.3a, an example of a normally developing shell). Other forms of aberration included 
malformation of shell hinges (Fig. 3.3b, d and e) and shell edges (Fig. 3.3b-e). Additionally, 
Fig.3.3e shows an abnormal D-shaped larva (note the irregular outline of PI). Fig. 3.3f shows 
a highly aberrant shell as well as an unshelled larva. Shell quality analysis was only 
performed on the larvae that were used for the shell size measurements. Therefore, unshelled 
larvae and those with significant malformations or damage to the hinges or edges were 
excluded from the shell quality assessments.   
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Fig. 3.3. SEM images of D-larvae from experimental treatments a) normal D-larvae from the control 
treatment (pH 7.98 and -1.6°C), and b-e) larvae from reduced pH treatments (pH 7.80 and 7.65 at 
various temperatures) displaying pitting, cracking and/or malformation, f) extremely malformed and 
uncalcified larvae from the reduced pH treatment at -1.6°C. PI: prodissoconch I and PII: 
prodissoconch II, 50 µm scale bars as indicated on each image. 
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A significant effect of pH was observed on the proportion of larvae that had abnormal D-
shapes or were uncalcified (Table 3.2, Fig. 3.4). Over 50% of the larvae developing at pH 
7.80 and 7.65 were malformed compared to only 25-35% of those raised at the control pH 
(Fig. 3.4). Temperature did not affect the percentage of normally developed D-shaped larvae 
(Table 3.2). 
 
 
Fig. 3.4. Percentage of D-larvae in each treatment that were abnormally shaped, severely damaged or 
unshelled. The letters above the columns indicate significance at p < 0.05. The temperature/pH 
combination of 0.4°C/7.80 was not used, n = 4. Error bars are standard error. 
  
In the larvae that were fully shelled and had normal D-shapes, damage to the shell surface 
covered 3.2 to 11.6% of the total area, and was influenced by reduced pH and elevated 
temperature. Shell damage increased with reduced pH, while significantly more damage 
occurred at pH 7.65 compared to those reared at the control pH (Table 3.2, Fig. 3.5). A 
significant temperature × pH interaction was observed, whereas at pH 7.80 and 7.65 elevated 
temperatures significantly reduced the extent of shell damage shell quality scores, but had no 
significant impact at the control pH. An overall significant effect of temperature was also 
measured (Table 3.2), where shell damage was lower overall at -0.5 and 0.4°C, with no 
significant differences between the two elevated temperatures. 
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Fig. 3.5. Shell damage in normal D-shaped larvae from each treatment, where shell damage is equal 
to the percentage of the shell surface that is pitted, cracked or malformed. Letters indicate significance 
as in Fig. 3.4. The temperature/pH combination of 0.4°C/7.80 was not used, n = 4. Error bars are 
standard error. 
 
3.3.2 Shell Measurements 
3.3.2.1 Prodissoconch I 
Larval shell heights at PI ranged between 173 and 180 µm, and lengths from 189 to 194 
µm (Fig. 3.6). Reduced pH alone had no impact on height of PI, and therefore, larval size at 
the onset of calcification, but a significant interactive effect was observed, with the effects of 
pH 7.65 differing with treatment temperature (Table 3.2, Fig. 3.6a). Larval heights were 
smallest at pH 7.65 at both -1.6 and 0.4°C (173.9 and 173.0 µm, respectively), which were 
significantly smaller than in larvae raised at -0.5°C and pH 7.65 (179.8 µm). An overall, 
independent effect of temperature was also observed with generally smaller shell heights in 
PI at 0.4°C. Length of PI was not impacted by treatment (Table 3.2, Fig. 3.6b).  
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Fig. 3.6. Impacts of reduced pH and elevated temperatures on a) shell height and b) shell length on 
prodissoconch I (PI). Letters indicate significance as in Fig. 3.4.  The temperature/pH combination of 
0.4°C/7.80 was not used. NS = no significant differences between treatments, n = 4. Error bars are 
standard error. 
 
3.3.2.2 Prodissoconch II 
During PII growth, larvae added 8.3 - 11.5 µm of new shell. Temperature influenced this 
growth with elevated temperatures increasing the amount of new material at the shell edge 
(Table 3.2, Fig. 3.7). Interactive effects of pH and temperature were again observed on shell 
growth, with the effects of pH being dependent on the incubation temperature. The largest PII 
growth occurred in larvae raised at pH 7.65 and 0.4°C. Conversely, at the control 
temperature, reduced pH resulted in the smallest shell growth (-1.6°C and 7.65, Fig. 3.7). 
There was no significant effect of pH on shell growth of PII. Total shell lengths (PI+PII) 
ranged between 205 and 215µm, with the largest total lengths occurring at pH 7.65 and 
0.4°C. 
 
55 
 
 
Fig. 3.7. Impacts of reduced pH and elevated temperatures on growth of prodissoconch II. Letters 
indicate significance as in Fig. 3.4. The temperature/pH combination of 0.4°C/7.80 was not used, n = 
4. Error bars are standard error. 
 
3.4 Discussion 
Temperature and pH both affected shell development and quality in L. elliptica larvae. 
Impacts occurred on both PI, when larvae first become fully shelled and competent and PII, 
the point of shell elongation between competency and metamorphosis. Both factors 
influenced larval body size and shell growth. Larvae raised under elevated temperatures had 
smaller body sizes and displayed greater PII growth at equivalent larval stages compared to 
those at the control temperature treatments, while the impact of reduced pH was dependent 
on incubation temperature.  
In Chapter 2, abnormality rates in these larvae were determined by performing a 
qualitative assessment of the overall larval shape using light microscopy. In Chapter 2 it was 
concluded that abnormality rates were high in all treatments, but not impacted by pH, 
although a trend towards higher abnormalities was observed (Fig. 2.7f). It was suggested that 
larvae were robust to OA, and that temperature had a much greater influence on larval 
development in this species. However, this study reveals that the effect of pH is significant 
and may have serious implications for later development stages. SEM analysis of the 
apparently normally developed D-larvae showed that larvae from reduced pH treatments had 
abnormal D-shapes, deformed shell edges and irregular hinges, cracked shell surfaces and 
some were even uncalcified (Fig. 3.3). Furthermore, pitting of the shell surface was observed 
on all larvae raised at pH 7.80 and 7.65, indicating dissolution due to the undersaturation of 
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aragonite in both reduced pH treatments. Reduced pH (7.80 and 7.65) significantly increased 
the frequency of aberrations of shell edges and hinges, pitting and cracking. Elevated 
temperatures partially mitigated the damaging effects of reduced pH. These results suggest 
that pH is in fact a major stressor in development for this species, with larval shells 
experiencing significant losses in quality, which could impair function or success. 
These observations have important implications for OA research on larval development. 
Current methodology in many larval morphological investigations may inadvertently 
underestimate the damaging effects of pH exposure, which could lead to incorrect 
assumptions about stress responses. Due to small larval sizes, only severe abnormalities may 
be immediately obvious. The dissolution of shell surfaces, as well as damage to fine 
structures, may not be initially noticeable without SEM (see Green et al., 2009; Bednaršek et 
al., 2014; Müller et al., 2015). Sublethal damage such as this is notable as reduced shell 
integrity could drastically impair swimming (see Talmage and Gobler 2010; Andersen et al., 
2013), and subsequently larval settlement and recruitment. Additionally, larvae may have 
experienced trade-offs in muscle and tissue development in order to maintain calcification, 
resulting in a weaker animal (Wood et al., 2008). During settlement in L. elliptica, juveniles 
must bury in sediments, and reduced muscle mass or altered shell shapes may increase the 
energetic cost of doing so. Furthermore, reduced shell integrity may hinder burial or expose 
soft tissues to damage, impacting successful settlement with negative flow-on effects to the 
population.  
Repair to shell surfaces may be possible, however the process is slow and energetically 
demanding (Harper et al., 2012; Sleight et al., 2015). It is likely that the energetic costs of 
repairing such extensive damage to the shell would be high in larvae, even with extensive 
energetic reserves, particularly under OA. Weaker shells could lead to significantly reduced 
populations in more disturbed environments. Elevated temperatures may relieve some of the 
negative impacts of reduced pH on shell integrity, for example, at pH 7.65, elevated 
temperatures reduced shell damage by 34%. However, under these concurrent elevated 
temperature/reduced pH scenarios, shell damage was still 120% greater than in control 
conditions.  Under projected warming and acidification, larvae will reach competency faster 
(Fig 2.6) and larval shells may grow to be larger (Fig. 3.7), but weakness in the calcified 
structures could reduce recruitment and significantly increase post-metamorphic mortalities 
and will likely overcome any potential benefits of larger juveniles. The effects of reduced pH 
will have a greater impact on larval survival than indicated in Chapter 2 and similar studies. It 
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is unknown how dissolution and reduced integrity will influence survival in later stages and 
this is therefore an important direction for further research into the effects of reduced pH on 
larval development. 
Shell development occurred at all reduced pH treatments despite undersaturation of 
aragonite, indicating calcification was not limited by saturation states. Calcification with 
undersaturation is not uncommon, in fact, many studies show calcification does occur (e.g. 
Miller et al., 2009; Ries et al., 2009), but that the extent and quality of the calcium carbonate 
is impacted (e.g. White et al., 2014; Pereira et al., 2015). While undersaturation in seawater 
would reduce CO32- availability and promote dissolution of established calcified structures, 
saturation states may not have directly impacted calcification of the L. elliptica larvae. These 
larvae would have still been able to calcify using bicarbonate from seawater, or made through 
the conversion of respiratory CO2 (Roleda et al., 2012; Thomsen et al., 2015), which may 
have increased in availability in elevated temperature treatments if metabolism was 
upregulated.  Undersaturation does not create a distinct line between inability and ability to 
calcify, but rather increases the metabolic costs of calcification (Tunnicliffe et al., 2009; 
Thomsen and Melzner, 2010; Wicks and Roberts, 2012). 
Despite not using seawater CO32- in biomineralisation, variations in calcification in 
bivalve larvae show a strong link to seawater Ω (Waldbusser et al., 2015). Calcification is 
still dependent on the pH and Ω at the site of calcification, maintained through the active 
pumping of ions in and out of the calcifying fluid (McConnaughey and Gillikin, 2008). Under 
OA, the cost of doing so would increase (Thomsen and Melzner, 2010; Wicks and Roberts, 
2012). Additionally, established calcified structures would be at risk of dissolution. Shell 
growth did occur in the L. elliptica larvae at reduced pH, however, the quality of the calcium 
carbonate structure was low. This is likely related to the energetic cost of maintaining shell 
growth which could also have serious implications for recruitment and survival. Larval shells 
appeared to be weaker, displaying an increased frequency of cracking and pitting as well as 
significant damage and malformation of shell hinges and edges. During growth of PII in 
bivalves, larvae do not add calcium carbonate only to the shell edges; they also thicken the 
shell by adding to the inside of the PI structure (Carriker, 1996). Under an increased energetic 
burden from maintaining calcification fluid pH and Ω, calcification on PI may have been 
limited, resulting in thinner shells that were more prone to damage. 
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The size of PI is typically correlated to egg size while PII size is dependent on the time 
between competency and metamorphosis (Waller, 1981; Martel et al., 1995; Martel et al., 
2014). As metamorphosis would occur when the appropriate cues are received, the length of 
time spent on PII development, and therefore PII size, may vary between seasons and 
populations (Martel et al., 2014). Prodissoconch II is not always present in lecithotrophic 
species due to immediate settlement at competency (Ockelmann, 1965); however, it was 
present in L. elliptica larvae. As both PI and PII development occurred in encapsulated larvae 
in L. elliptica, PI may be more accurately linked to larval body size rather than egg size and 
PII size should be dependent on the length of time between a fully calcified D-larva (PI) and 
hatching. Shell length measurements were similar to those reported by Berkman et al. (1991), 
who determined PI/PII sizes from adult shells. Their measurements of PII ranged from 214–
265 µm compared to 205-215 µm in this experiment, indicating the larvae analysed here 
might have been able to develop longer before hatching and metamorphosis. 
The timing of development in L. elliptica is impacted by temperature and pH (Chaper 2 
and Bylenga et al., 2015). Temperatures 2°C above ambient advanced development to the D-
larvae stage by up to 5 days, while reduced pH delayed development up to 4 days (Fig. 2.7 
and Table 2.4 Bylenga et al., 2015). If larvae are developing faster they may be able to 
initiate calcification earlier, leading to fully calcified larvae of a smaller size, explaining the 
trend towards smaller PI heights at +0.4°C. While the differences in shell height at PI appear 
to correlate with differences in development timing due to temperature, they do not relate to 
the delays observed with reduced pH. At pH 7.65, there was a trend towards smaller PI larvae 
at -1.6°C and 0.4°C, while significantly larger larvae occurred at the intermediate 
temperature, -0.5°C. Possibly, this relates to an optimum temperature window for tolerance 
of pH stress, where temperatures around -0.5°C increase metabolic rates, aiding in internal 
pH regulation and promoting larval growth. However at 0.4°C, metabolic increases may have 
become insufficient to manage regulation at reduced pH, and as these larvae approached 
critical temperatures, they may have diverted resources to activity other than growth. 
Due to the observed differences in developmental timing, sampling time varied with 
treatment, dependent on the completion of PI development. This meant that while larvae were 
collected at different ages, they were at equivalent life history stages and had spent similar 
times in PII development. The measurements of PII therefore are a reflection of the rate of 
calcification. Under both elevated temperatures, shell growth on PII was greater than that of 
control temperatures, implying the larvae may have had higher rates of calcification. Larger 
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larvae may reduce vulnerability in settled juveniles (Gosselin and Qian, 1997; Phillips and 
Gaines, 2002; Martel et al., 2014), indicating that recruitment in L. elliptica may be improved 
under future warming. However, the differences in total shell length were minor (< 5% 
increase in length). While the length of larvae at PII is not necessarily an indication of 
competency, size at settlement relates more to the time larvae take to find suitable habitat or 
receive settlement cues (see Martel et al., 2014). The faster development rates observed in L. 
elliptica may mean that more larvae settle on the receipt of settlement cues, potentially 
reducing time spent at this vulnerable life stage. The cues for settlement are unknown in L. 
elliptica. Beyond the time frame of this experiment, competent larvae may have continued 
PII growth while waiting for appropriate cues. Under elevated temperatures, larvae will either 
reach a larger size in a set development time resulting in larger juveniles, or they will have 
the potential to settle earlier. Both scenarios could have beneficial flow-on effects to the 
population through improved juvenile success. 
Ocean acidification typically limits larval sizes in bivalves (see Parker et al., 2009; Watson 
et al., 2009; Parker et al., 2010; Jansson et al., 2013; White et al., 2013) largely due to 
increased shell dissolution and reduced calcification rates due to CO32- undersaturation 
(Waldbusser et al., 2015). This was only reflected in L. elliptica at the control temperature, 
where the smallest PII shells were observed at the lowest pH (where ΩAr = 0.65, Table 3.1). 
Conversely, in the two elevated temperatures (where ΩAr = 0.68 and 0.66, Table 3.1), the 
largest PII larvae were at pH 7.65 (Fig. 3.7). However, despite these larger sizes, these larvae 
still had significantly high levels of damage and malformation of shell surfaces (Fig. 3.4 and 
3.5), which would overcome any benefit to a larger shell in settlement.  
An increase in shell size in larvae in the highest stressed treatments may due to a hormetic 
response in which combined stressors crossed a tolerance threshold and activated repair 
mechanisms (e.g. Gooding et al., 2009). Alternatively, it may be related to the protected form 
of development used by L. elliptica larvae (Lucey et al., 2015). Increases in calcification at 
reduced pH have been observed in encapsulated cuttlefish (Gutowska et al., 2010; Dorey et 
al., 2013). In a gastropod with encapsulated development, pH impacts on growth were minor 
in comparison to non-encapsulated species (Noisette et al., 2014). Egg capsules act as 
diffusion barriers for respiratory CO2, and this indicates encapsulation may reduce 
extracellular pH during development, even under ambient conditions (Melzner et al., 2009). 
Despite the reduced pH, calcification of aragonite structures still occurs, indicating ion 
regulatory mechanisms may exist in these species (Melzner et al., 2009; Dorey et al., 2013). 
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While ion regulatory mechanisms would allow for continued calcification in L. elliptica, they 
may not fully protect larvae from the effects of ocean acidification. Bivalves may have a 
reduced capacity for ion and acid-base regulation, as active control in these areas is related to 
metabolic capacity which would be limited in animals with sessile life stages (Seibel and 
Walsh, 2001, 2003; Melzner et al., 2009; Parker et al., 2013).  
3.4.1 Conclusions 
Elevated temperatures and reduced pH influenced larval shell development in L. elliptica. 
Elevated temperatures improved larval shell quality and increased PII sizes as well as 
accelerated development (Chapter 2, Bylenga et al., 2015). While reduced pH increased 
larval shell sizes at elevated temperature, it slowed development to the D-larval stage 
(Bylenga et al., 2015). The results presented in Chapter 2 suggested pH had no significant 
influence on larval abnormalities; however, these observations were limited by methodology. 
Detailed analysis of the shell using SEM here showed that reduced pH significantly increased 
occurrences of malformed larvae, produced fewer larvae with a normal D-shape, and 
increased shell pitting and cracking in these D-larvae by as much as 230%.  This indicates 
larvae may be in poor condition at settlement, which would reduce juvenile recruitment and 
overall survival. Under future ocean conditions, slightly larger larvae may be observed at 
elevated temperatures and reduced pH (< 5% increase in length), which could improve 
settlement in L. elliptica. However, the overall impacts on larval shell quality and integrity 
due to reduced pH would likely overshadow any beneficial results, due to reduced survival in 
settlement and recruitment, limiting populations of this prevalent Antarctic species. 
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Chapter 4 
Lipid use in the lecithotrophic larvae of Laternula elliptica under 
pH and temperature stress 
 
4.1 Introduction 
Mortality in early development is often associated with environmental fluctuations during 
embryogenesis and metamorphosis (Lu et al., 1999). Successful development is largely 
dependent on stored energy and the ability to form feeding structures before these reserves 
are depleted. In invertebrate larvae there are two basic development modes, lecithotrophy and 
planktotrophy, which are differentiated by the amount of maternal investment and whether or 
not the larvae are able to feed (Jaeckle and Manahan, 1989). In either case, eggs must carry 
enough energy and structural components to develop into independently feeding larvae or 
juveniles (Prowse et al., 2009).  
Planktotrophic larvae have a feeding stage. Endogenous resources support their 
development until larval feeding structures are formed, after which the larvae rely on 
remaining egg reserves (facultative feeding) and exogenous energy to support metamorphosis 
to juvenile stages (Miner et al., 2005; Pernet et al., 2006; Byrne et al., 2008a; Byrne et al., 
2008b). Metamorphosis may be delayed until energetic reserves are high enough to support it 
(Lucas et al., 1986). This results in relatively long development times during which the larvae 
are exposed to risks such as predation, starvation and disease (Prowse et al., 2009).  
Lecithotrophic larvae lack a feeding stage, relying on maternally-derived egg nutrients for 
embryonic development and metamorphosis. Therefore, there are maternal trade-offs of 
energetic input and fecundity, with mothers producing low numbers of nutrient rich eggs, 
compared to the high numbers of nutritionally poor eggs in planktotrophic developers 
(Prowse et al., 2009; Moran et al., 2013). As lecithotrophic larvae do not require exogenous 
food sources, time spent in vulnerable larval stages prior to development to the juvenile stage 
is reduced compared to planktotrophic larvae (Wicks and Roberts, 2012). Consequently, with 
fewer egg numbers, lecithotrophic larvae may have greater success in terms of juveniles 
produced per parent (Prowse et al., 2009). Lecithotrophy also allows development during low 
productive seasons, producing competent feeding juveniles at the onset of phytoplankton 
blooms (Lee et al., 2006; Pearse et al., 1991). The cost of initial investment from the parent is 
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high, and eggs may only be supplied with the amount of energy required to develop to an 
independently feeding state under the natural historic range of environmental conditions 
experienced by the population. 
The main constituents providing energy and structural components for the larvae are 
lipids, proteins and carbohydrates. Lipids provide the densest form of energy, having more 
energy per gram compared to either carbohydrates or protein (Lee et al., 2006; Parrish, 2013). 
Since relative concentrations of lipids, proteins and carbohydrates vary with species and each 
component has different energetic densities (J g-1), there may be significant variation in the 
energy available in eggs of similar size (DeFreese and Clark, 1983; McAlister and Moran, 
2012). Compositionally, lecithotrophic eggs generally have higher lipid:protein ratios than 
those from planktotrophs (Villinski et al., 2002; Falkner et al., 2006; Byrne et al., 2008b; 
Falkner et al., 2015). In echinoderms with contrasting modes of development, lecithotroph 
lipid density is often greater and energetic lipids account for a greater proportion of the total 
lipid content compared to planktotrophic species (Falkner et al., 2006; Falkner et al., 2015). 
Lipid content can be partially correlated with larval growth, where it may be a major energy 
reserve in some species (Holland and Spencer, 1973).  
Lipids are used both energetically and structurally with major energetic lipid classes 
including triacylglycerol (TAG), diacylglycerol ethers (DAGE), phospholipid (PL) and wax 
esters (WE) (Lee et al., 2006). Of particular note is TAG, an energetic lipid common in 
animal tissues that is often involved in larval development (Allen, 1976; Fraser, 1989; Lee et 
al., 2006; Prowse et al., 2008). TAG is often favoured for short term energy provision, due to 
its ability to be quickly hydrolysed (Lee et al., 2006). 
Wax esters are another primary energetic lipid in animal tissues, and are commonly a 
dominant class in species at high latitudes (Lee et al., 2006). WE often serve as long term 
energy providers that can be stored for energy provision during metamorphosis and post-
metamorphic development, as they may not be as quickly hydrolysed as TAG (Lee et al., 
2006; Prowse et al., 2009; Falkner et al., 2015). They also play roles in buoyancy control, 
being more buoyant than TAG due to their capacity for thermal expansion and their 
compressibility properties (Lee et al., 2006; Pond and Tarling, 2011; Falkner et al., 2015).  
DAGE is a major energetic lipid in some species, particularly in lecithotrophic 
echinoderms (Lee et al., 2006; Prowse et al., 2009). Similar to WE, DAGE are long term 
energy providers that are used in early and post juvenile development and may have a role in 
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buoyancy control (Falkner et al., 2015). Increases in free diacylglycerol (DAG) may also be 
observed during development (Tocher et al., 1985). DAG is a by-product of cellular 
signalling pathways and possibly of the hydrolysis of TAG (Berridge, 1984; Canavoso and 
Wells, 2000). 
PL is a structural lipid, and will often accumulate during development due to cellular 
growth (Pernet et al., 2006; Meyer et al., 2007). As it is a key component of membranes, per 
cell abundances of PL may give an indication of larval condition and nutritional state (Lee et 
al., 2006; Meyer et al., 2007). However, PL may also be used energetically in larval 
development, dependent on species. For example, in stone and king crabs, significant 
depletion of PL occurs during development, indicating its use as an energetic source (Kattner 
et al., 2003). In euphausiids, PL is the primary energetic lipid in eggs (Lee et al., 2006). 
Cholesterols (ST) are another common structural lipid class. As ST content is typically 
proportional to larval size, it can be used as a proxy in standardising lipid use to larval size 
during development (Fraser, 1989). 
Stress during development could place pressure on energetic reserves due, for example, to 
increases in metabolic rates under elevated temperatures (Pörtner, 2002b). Many species’ 
specialisations or adaptations are related to temperature thresholds (Pörtner, 2002a), but 
warming temperature is not the only climate change related issue. As pCO2 increases in the 
atmosphere, and subsequently in seawater, hydrolysis of CO2 increases concentrations of 
hydrogen ions (H+), subsequently reducing pH, commonly referred to as ‘ocean acidification’ 
(OA). Due to the high solubility of CO2 in cold water, OA is expected to be first observed at 
high latitudes (IPCC, 2013). OA may exacerbate response to thermal stress, narrowing 
windows of thermal tolerance (Pörtner, 2008; Pörtner and Farrell, 2008). Additionally, 
carbonate ions become limited as they are used in buffering excess hydrogen ions. Some 
calcifying organisms rely on carbonate ions in seawater in order to calcify, and reduced 
availability may increase the energetic demands of shell and skeleton production. 
Additionally, even if an organism is not dependent on carbonate availability
 
to calcify (see 
Roleda et al., 2012), established calcium carbonate structures are at risk of dissolution at low 
concentrations (saturation states, Ω). 
Increased pCO2 can have further impacts by affecting metabolism through altered acid-
base regulation (e.g. Pecorino et al., 2014). As external pCO2 increases, cellular pCO2 
increases due to diffusion across cell walls. This results in a build-up of internal CO2 as well 
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as extracellular acidosis which can be mitigated by active ion transport, metabolic production, 
consumption of protons and passive buffering. Potentially, all of these are at the expense of 
calcified structures (Michaelidis et al., 2005; Comeau et al., 2012b; Wicks and Roberts, 
2012). An organism that cannot compensate for acidosis may experience metabolic 
suppression, respiratory stress, reduced metabolic scope, loss of consciousness and even 
death (Michaelidis et al., 2005; Wicks and Roberts, 2012). Some authors (Pörtner, 2002a; 
Pörtner, 2010) have suggested species may not be as well adapted to changing pH as to 
changing temperature, as there may be less natural variability in the former in some of these 
species’ habitats. This may not limit adaptions in Antarctic species as phytoplankton blooms 
in the Ross Sea drive considerable variability in pH on seasonal scales, although daily 
variation in coastal zones may be smaller (Hofmann et al., 2011; Matson et al., 2014; McNeil 
et al., 2010).  
Bivalves may have a reduced capacity for active ion and acid-base regulation due to their 
sessile life stages (Pörtner, 2010; Parker et al., 2013). In mussels, decreased oxygen 
consumption was observed with hypercapnia, indicating reduced metabolism (Michaelidis et 
al., 2005). Larvae may be more vulnerable, as they may lack mechanisms for acid-base 
regulation that may be present in adults (Parker et al., 2013; Pecorino et al., 2014). 
Importantly, increases in external stressors may initiate stress responses that alter metabolic 
rates or result in the diversion of energetic resources to maintain cellular function, potentially 
reducing reserves (Stumpp et al., 2011b; Waldbusser et al., 2013). In the one study to date 
directly quantifying the impacts of elevated pCO2 on the use of lipids in larval development, 
no change was observed in echinoderm larvae, however there were indications of reduced 
growth with equivalent lipid use (Matson et al., 2012). 
The developmental rate of the lecithotrophic larvae of the Antarctic clam, Laternula 
elliptica is altered in response to temperature and pH stressors. For example, under elevated 
temperatures, larvae developed faster, while under reduced pH, development slowed (Chapter 
2 and Bylenga et al., 2015). However, little is known about the energetics of their 
development even under normal conditions. During normal development at high latitudes 
metabolic rates are generally lower in cold climates, which may reduce energy requirements 
(Pearse et al., 1986). Large energetic reserves allow for increased development times or 
extended periods of dormancy such as observed in L. elliptica  (Peck et al., 2007b). However, 
developmental delays observed under climate change conditions may be a symptom of 
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increased metabolic stress and/or increased demand on energetic resources, which could have 
significant flow-on effects to later life stages if these resources are depleted.  
Metamorphosis into juveniles is energetically demanding. Larvae must be non-feeding 
during the portion of metamorphosis when their feeding structures are being formed (Holland 
and Spencer, 1973; Lu et al., 1999). Lipids account for a large portion of the energetic 
expenditure during metamorphosis (Holland and Spencer, 1973; Lu et al., 1999). In 
planktotrophic species, lipids accumulated during development are required for successful 
metamorphosis. However, lecithotrophic larvae have finite energy reserves that sustain 
development and metamorphosis. Increased usage during embryogenesis could mean 
reductions in the available energetic pool, preventing successful metamorphosis (although 
some lecithotrophic larvae have the capacity to take up dissolved nutrients; Jaeckle and 
Manahan, 1989). L. elliptica do not have the capacity to move to more favourable habitats 
under environmental stress. Furthermore, their long generation times will limit their ability to 
respond to a rapidly changing climate through genetic adaptation. Additionally, most bivalves 
have a low capacity to regulate acid-base balances, particularly in larval stages (Lindinger et 
al., 1984; Melzner et al., 2011; Waldbusser et al., 2013; Walbusser et al., 2015). Species 
persistence will be determined both by the dispersal capacity of the larvae as well as their 
ability to withstand environmental stress. 
Reproduction in L. elliptica has been observed in the Ross Sea from late February to mid-
May (Pearse et al., 1986; Bosch and Pearse, 1988) and in the laboratory as late as June and 
July (Bylenga, pers. obs.). In the months following spawning, larvae develop into aragonite 
shelled juveniles that settle in the sediments (Pearse et al., 1985; Pearse et al., 1986). 
Following their summer maxima during phytoplankton blooms, pH and aragonite saturation 
state (ΩAr) both begin to fall, reaching 7.94 and 1.04 respectively, in May 2013 (cf. 8.17 and 
1.79 in January) at Cape Evans. for example (Kapsenberg et al., 2015). This raises concerns 
about the impacts of OA on these larvae as ΩAr is already approaching undersaturation during 
spawning and settlement times in the Ross Sea.  Under OA conditions, empty shells of adult 
L. elliptica rapidly dissolve (McClintock et al., 2009). However, the impacts of OA on 
calcification in live adults and larvae are unstudied. Under future OA scenarios, the metabolic 
costs of larval development may increase in order to maintain calcification or cause a 
prioritisation of energetic resources to maintain other cellular function, subsequently reducing 
calcification. Alternatively, acidosis and the lack of compensatory mechanisms may result in 
metabolic suppression. 
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It is unknown how metabolic rates in L. elliptica larvae would be impacted by elevated 
temperatures or reduced pH. Larvae may increase the use of lipids to support development 
under stress, which may impact the finite energetic reserves in lecithotrophic larvae. 
Additionally, the changes in L. elliptica developmental timing observed in Chapter 2 may 
suggest an increase in metabolic rate, but this would be limited by energy reserves in larvae. 
Increased demand on lipid reserves in support of faster development or in maintaining 
cellular function could significantly impact lipid reserves needed for subsequent 
metamorphosis.  
In this study, I investigated larval energetics and metabolism during development from 
fertilisation to the shelled D-larval stage under ambient conditions. I analysed the differences 
between the total lipid pools, as well as the different lipid class components, at 48 h post-
fertilisation and in D-stage larvae to determine lipid use during development. Additionally, I 
raised the larvae under reduced pH and elevated temperature conditions to see how these 
stressors influenced the use of total lipids and classes during development. Respiratory 
responses to these stressors were also assessed by measuring the changes in oxygen 
consumption in D-stage larvae.  
4.2 Methods 
4.2.1 Collection 
Adult L. elliptica (6.5-9.7 cm shell length) were collected from Granite Harbour, Ross 
Sea, Antarctica (77°00.963’S, 162°52.607) in November 2014. They were transported to 
Wellington, New Zealand and held in tanks with free flowing (250 ml min-1), filtered (0.1 
µm) seawater chilled to -1.7°C, at pH 8.00 in a temperature controlled room, until March 
2015. They were fed a liquid algal mix (Shellfish Diet 1800, Reed Mariculture, USA), 3 days 
per week during this period. 
4.2.2 Experimental treatments 
Larvae were fertilised and raised to the D-larvae stage under a combination of four 
temperature and two pH treatments (8 treatments). Ambient conditions in the Ross Sea were 
represented by the control conditions of -1.7°C and pH 8.00. Two elevated temperatures were 
chosen to represent projections for sea surface change through to the end of the century (-0.5 
and 0.5°C, IPCC, 2013), and a further elevated temperature (1.5°C), based on “business as 
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usual” end-of-century projections (+3°C RCP8.5, IPCC, 2013) was chosen to examine 
temperature tolerance limits in larvae. Projections for end-of-century pH conditions were 
represented by the reduced pH treatment, 7.65 (Orr et al., 2005; IPCC, 2013). 
4.2.2.1 Temperature and pH manipulation and measurement 
Wellington Harbour seawater was chilled to -1.7°C with further temperature and pH 
manipulations occurring in 8 separate header tanks that supplied 64 insulated 4 L treatment 
tanks through insulated lines (n=8 replicates of each treatment). Temperature was elevated to 
experimental conditions using 500 W submersible heaters. pH was manipulated using 
diffusion of food grade CO2 through 0.5 mm (4 mm diameter) silicone tubing. Temperature 
and pH were controlled remotely by a LabView® server communicating with Jumo dTrans 
pH 02 controllers via a MOBUS serial interface. Temperature and pH were continuously 
logged (5 min intervals) using PT100 temperature probes and Sensorex S150C pH probes, 
and additional checks of pH were made spectrophotometrically.  Flow was maintained at 100 
ml min-1. On days 1, 21 and 31, water samples were taken from each treatment and preserved 
with HgCl2 for analysis of dissolved organic carbon (DIC) and alkalinity (AT). Aragonite 
(ΩAr) and calcite (ΩCa) saturation states and partial pressure of CO2 (pCO2) at the 
experimental temperatures and salinities were calculated from the measured values of pH and 
AT using refitted Mehrbach constants (Mehrbach et al., 1973; Dickson and Millero, 1987). 
Analytical methods followed those detailed in Cummings et al. (2011). Seawater conditions 
for each treatment are summarised in Table 4.1. 
4.2.3 Gamete collection and fertilisation 
Prior to gamete collection, in order to avoid self-fertilisation, 74 individuals were 
designated egg donors and 32 were set aside for sperm collection. The ovary was dissected 
and eggs were collected using a Pasteur pipette. Eggs were pooled and the volume was 
topped up to 1.4 L with -1.7°C seawater at the control pH. Twenty ml of the egg solution was 
added to each of the 4 L tanks containing seawater at experimental conditions, equating to 
approximately 50,000 eggs per tank. Water flow was maintained through the tanks (100 ml 
min-1) to ensure eggs were acclimated to experimental conditions prior to fertilisation. The 
depth of the tank, along with the demersal nature of the eggs, ensured that water flow could 
be maintained with no loss of gametes.  
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Twenty-four hours later, sperm was collected by cutting into the testis and collecting the 
sperm using a Pasteur pipette. The sperm was pooled and the volume made up to 1 L as 
above. Ten ml of the sperm solution was added to each tank. The seawater was gently mixed 
to ensure even distribution of the sperm across the eggs. A 1 ml subsample was removed 
from the egg and sperm solutions to determine egg and sperm counts. Additionally, gametes 
were examined microscopically for condition and size (eggs) as well as motility (sperm). 
Fertilisation success was checked at 48 h. Larvae were held in the tanks for 45 d in free-
flowing seawater (100 ml min-1) at experimental conditions. 
Forty-eight hours post-fertilisation (PF), approximately 500 developing larvae were 
sampled from each replicate and placed in Eppendorf tubes. The seawater was carefully 
removed and the samples frozen at -80°C for later analysis of the lipids available for the 
developing larvae. Development in the remaining larvae was allowed to continue to the D-
larvae stage. Due to temperature and pH impacts on development timing, each treatment was 
closely monitored around the expected time of the first occurrence of D-larvae 
(approximately 15 d; see Chapter 2 and Bylenga et al., 2015). Each day, subsamples were 
removed from each replicate to assess development progression. The time when 50% of the 
normally developing larvae were at the D-larvae stage was noted (Table 4.2). Five days 
following this timepoint, samples of approximately 500 D-larvae were removed from each 
replicate and placed in Eppendorf tubes. The seawater was carefully removed and the 
samples frozen at -80°C for lipid analysis. Multiple samples were collected as above from 
control condition replicates to be used for the identification of the lipid classes present in L. 
elliptica larvae. Ten days following the point at which 50% D-larvae were found in each 
treatment, approximately 1000 larvae were removed from 4 replicates per treatment for 
respiration measurements (described below). 
4.2.4 Lipid analysis 
Four replicates of each treatment from both 48 h and D-larval stages were processed to 
determine the composition of energetic and structural lipids in the larvae. Lipids were 
extracted from the frozen larval tissue using a chloroform/methanol method adapted by 
Sewell (2005) from Holland and Gabbott (1971) with changes as detailed below. Methanol 
and chloroform from the LiChrosolv® Hypergrade for LC-MS range (Merck Millipore) were 
used in extractions. Following preliminary TLC lipid class analysis (see below) that indicated 
the presence of WE, cetyl alcohol was used as a replacement internal standard (15 µl of 3 mg 
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ml-1 chloroform) to determine recovery in lipid quantification samples, as ketone may be 
hidden by large WE peaks, making quantification difficult (Parrish, 1987). Lipid extracts in 
chloroform were stored at -20°C for a maximum of 48 h before analysis. 
Thin layer chromatography (TLC) was used to aid the identification of neutral lipid 
classes, based on their relative mobility on TLC plates against lipid standards. Using glass 
capillaries, lipid extracts were placed in 3 µl aliquots in 2 mm narrow bands onto aluminium-
backed TLC plates (Reveleris, Grace) alongside prepared lipid standards: aliphatic 
hydrocarbon (AH), methyl ester (ME), WE, DAGE, a TAG/ME/WE standard, a 
ME/AH/TAG/free fatty acid (FFA)/ST and a TAG/FFA standard. Plates were developed in 
preconditioned TLC tanks containing a hexane/diethyl ether/acetic acid (90:10:1 v/v/v) 
neutral solvent system (Bergelson, 1980). Plates were sprayed in a primuline solution (5 mg 
in 100 ml acetone/water, 80:20 v/v), which is a biological stain, and viewed under ultraviolet 
light. Lipid bands were identified by their relative mobility on the TLC plate compared to the 
lipid standards. 
Lipids were quantified using an Iatroscan Mark Vnew Thin Layer Chromatography/Flame 
Ionization Detection system (TLC/FID), and silica gel S-III Chromarods as described in 
Sewell (2005), with modifications as detailed below. Air
 
flow was 2000 ml min-1 and 
hydrogen was set to 160 ml min-1. Instrument grade N2 gas was used to dry samples before 
they were resuspended in 20 µl chloroform, using a positive displacement pipette (Gilson, 
Microman, USA). Following cleaning of the chromarods, 2 µl of sample was applied to each 
chromarod. Lipids were separated along the chromarods in a two stage development system 
(Parrish, 1987, 1999) resulting in two chromatograms per chromarod. Chromarods were first 
developed in a hexane/diethyl ether/formic acid solution (98.95:1:0.05 v/v/v) for 22 min, 
followed by 5 min in a humidity chamber before further development for 16 min. 
Chromarods were dried in the Iatroscan for 5 min before a 30 s partial scan was used to burn 
from the solvent front and manually stopped following the WE peak. Following a 5 min 
incubation in the humidity chamber, the chromarods were developed for 27 min in a more 
polar hexane/diethyl ether/formic acid solution (79:20:1 v/v). Chromarods were dried in the 
Iatroscan for 5 min and scanned on full scan from the solvent front to the origin. A SES-
Chromstar PC-board was used to collect data and SES-Chromstar version 4.10 was used to 
record and quantify chromatograms (SES Analysesysteme). Lipid classes were quantified by 
quadratic regression from multilevel lipid calibration curves using lipid standards as in 
Sewell (2005). Standards represented energetic neutral lipids [i.e., aliphatic hydrocarbon 
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(AH), wax ester (WE), triacylglycerol (TAG), free fatty acids (FFA) and diacylglycerol 
(DAG)]; the structural neutral lipid cholesterol (ST) and also, the structural polar lipids [i.e., 
acetone mobile polar lipids (AMPL) and phospholipids (PL)]. Total lipid content was 
determined from the sum of the lipid classes in each sample. Total energetic and structural 
lipids, as well as ratios of energetic:structural lipids, TAG:ST and TAG:PL were also 
calculated. 
4.2.5 Respiration measurements 
Approximately 1,000 larvae from four replicates of each treatment were placed in separate 
25 ml glass vials filled with seawater at experimental temperature and pH. Vials were 
precalibrated using a two point calibration system with water vapour saturated air and 0% 
oxygen saturated seawater (deoxygenated using saturated sodium sulphite). The vials were 
sealed and checked for trapped air bubbles. Oxygen saturation measurements were made with 
a non-invasive fibre optic oxygen microsensor system (PreSens, Germany) using micro-
optodes placed in each vial. The sealed vials were placed in a water bath at the appropriate 
experimental temperature and measurements of oxygen saturation were made every hour for 
6-8 h. Oxygen saturation was not allowed to fall below 50%. Preliminary respiration trials 
had been performed on concentrations of larvae ranging from 100-1000 ind. vial-1 for a range 
of 1-8 h, in order to determine appropriate larval numbers and measurement times necessary 
to detect oxygen consumption. Two vials containing only seawater at experimental conditions 
were also analysed for each treatment. Oxygen consumption was measured as the difference 
between initial and final measurements and was expressed as pmol O2 h-1 ind.-1. 
The relationship between temperature and changes in respiration rates was examined by 
determining the Q10 value for the change in respiration rate between each experimental 
increase in temperature at each pH (see Davenport, 1992). Q10 is a tool to describe 
temperature compensation by comparing rate changes in metabolic responses in response to 
temperature elevations, extrapolated to 10°C differences. A Q10 value < 1 indicates higher 
metabolic rates at lower temperatures, Q10 ≈ 1 indicates perfect compensation, Q10 > 1 and < 
2 indicates partial elevation of rates with some compensation. A Q10 ≈ 2 indicates no 
compensation, and the rate change is explained by the temperature change. Q10 > 2 indicates 
responses are greater than can be explained by the temperature elevation, indicating a stress 
response. 
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4.2.6 Statistical analysis 
Statistical tests were performed to assess the changes in lipid reserve compositions during 
development, as well as the impacts of reduced pH and elevated temperatures on lipid use 
and oxygen consumption. All statistical analysis was performed using SPSS, version 22. 
Normality of the data was verified using Shapiro-Wilk’s test and equality of variances was 
confirmed using Levene’s test. Lipid content at fertilisation, lipid depletion by the D-larval 
stage, respiration and the relation of the responses to pH and temperature were examined by 
fitting the data to a general linear model. When comparing the impacts of stressors on lipid 
content, lipid depletion and respiration, pH and temperature were fixed factors, and a 
temperature × pH interaction term was used. 
Depletion of total lipid content, total energetic and structural lipid content and individual 
lipid class content in development to the D-larval was analysed using development stage as a 
fixed factor. When analysing the impacts of pH and temperature at 2 d PF, total lipid content, 
total energetic and structural lipid contents, individual class content as well as ratios of 
energetic:structural lipid, TAG:ST and TAG:PL were used as dependent variables. In D-
larvae, percent depletion in total lipid content, total energetic and structural lipid content and 
individual class content were used as dependent variables. In respiration trials, respiration 
rate was used as a dependent variable. 
Where the general linear model indicated overall individual statistical significance (p < 
0.050) of either temperature or pH, a post-hoc Bonferroni multiple comparison test was 
performed to determine effects of temperature averaged over pH or pH averaged over 
temperature respectively. Where interactive effects approached significance (p < 0.100), a 
one-way ANOVA was performed with treatment as a single factor, in order to determine 
differences between each treatment. 
4.3 Results 
Temperature, pH and carbonate chemistry data for the duration of the experiment are 
detailed in Table 4.1. ΩAr and ΩCa were undersaturated at pH 7.65 at all temperatures, but 
remained at or above saturation at the control pH (Table 4.1).  
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Table 4.1. Seawater conditions for each experimental treatment. Average temperature (°C; n = 
22,765); pH (measured on the total hydrogen scale; n = 22,765); total alkalinity (AT; n = 3); dissolved 
inorganic carbon (DIC, n = 3), aragonite and calcite saturation states (ΩAr and ΩCa, respectively) and 
partial pressure of CO2 (pCO2) are calculated from AT and pH. All values are mean ± SE. Salinity was 
34.7 psu. 
Temp 
(°C) pH 
AT   
(µmol kg-1) 
DIC 
 (µmol kg-1) 
pCO2  
(ppm) ΩAr ΩCa 
-1.7 ± 0.01 8.00 ± 0.001 2290.0 ± 7.3 2211.7 ± 6.3 482.3 ± 16.7 1.08 ± 0.04 1.72 ± 0.06 
 7.64 ± 0.001 2290.0  ± 6.4 2306.6 ± 7.0 1074.8 ± 6.4 0.53 ± 0.00 0.85 ± 0.00 
-0.5 ± 0.01 7.99 ± 0.001 2290.1 ± 6.8 2199.2 ± 4.9 460.3 ± 4.9 1.18 ± 0.02 1.87 ± 0.03 
 7.65 ± 0.001 2290.4 ± 6.7 2293.4 ± 5.5 999.0 ± 8.6 0.59 ± 0.01 0.94 ± 0.01 
0.5 ± 0.01 7.99 ± 0.001 2290.7 ± 6.6 2198.0 ± 9.6 476.3 ± 24.0 1.20 ± 0.05 1.91 ± 0.08 
 7.66 ± 0.001 2290.2 ± 6.9 2288.6 ± 6.2 1002.8 ± 5.5 0.62 ± 0.01 0.98 ± 0.01 
1.5 ± 0.01 7.99 ± 0.001 2290.7 ± 6.8 2193.1 ± 8.5 478.6 ± 18.1 1.24 ± 0.04 1.97 ± 0.06 
 7.65 ± 0.001 2288.8 ± 6.2 2293.5 ± 7.4 1104.0 ± 34.0 0.59 ± 0.02 0.95 ± 0.03 
 
 
Fertilisation success ranged from 73-81%, and was similar across all treatments. D-larvae 
first appeared at 17 d PF at treatment temperatures of 0.5 and 1.5°C and at 21 d at the control 
temperature (Table 4.2). Across all treatments, 50% abundance of D-larvae was reached 5-6 d 
following their first observance (Table 4.2). A developmental delay due to reduced pH was 
only observed at -1.7°C (Table 4.2).  
Table 4.2. Days post-fertilisation of first observations of D-larvae by treatment, the point of 50% 
abundance and the day of sampling for lipid and respiration analysis (5 and 10 d after 50% 
abundance, respectively). 
  Days Post Fertilisation 
Temperature (°C) pH First Observance 
50% 
Abundance 
Lipid 
Analysis 
Respiration 
Analysis 
-1.7 8.00 21 26 31 36 
 
7.65 22 28 33 38 
-0.5 8.00 19 24 29 34 
 
7.65 19 24 29 34 
0.5  8.00 17 22 27 32 
 
7.65 17 22 27 32 
1.5  8.00 17 23 28 33 
 
7.65 17 23 28 33 
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4.3.1 Lipid Analysis 
4.3.1.1 Lipid Reserve Composition 
Newly fertilised eggs contained approximately 200 ng total lipids per individual egg, 
although large variations in lipid content were observed (Appendix 1). Eight lipid classes 
were identified in the eggs and developing larvae (Fig. 4.1, Tables 4.3 and Appendix 1). The 
energetic lipids AH, WE, TAG and DAG accounted for 70% of the total lipid content. The 
remainder were the structural lipids ST, acetone mobile polar lipids (AMPL) and PL.  
 
Fig. 4.1. Example of the TLC plates used for identification of neutral lipid classes in sample extracts 
(E) against standards of WE, AH, ME and a TAG, ME and WE standard. 
 
4.3.1.2 Embryos 2 days Post-Fertilisation 
 In embryos 2 d PF, TAG was the dominant lipid class in embryos with 64% of the total 
content, followed by PL (24%, Table 4.3). DAG was found in only trace amounts (< 0.1%) 
and was not present in all samples. In embryos 2 d PF, no significant effects of temperature 
and/or pH were observed on total lipids, concentrations of any of the lipid classes, or percent 
of total lipids (p > 0.050, Appendix 2). TLC identified the presence of free fatty acids (FFA), 
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however, separation of TAG and FFA peaks using Iatroscan TLC/FID can be difficult if 
either is present in large amounts (Parrish, 1987), as occurred here with TAG. As FFA peaks 
were obscured by TAG, TAG should be considered a measure of TAG and FFA content. 
However, it will be referred to as TAG. 
 
Table 4.3. Summary of lipid content and ratios in embryos of Laternula elliptica from the control 
treatments (-1.7°C and pH 8.00), 2 d PF (n = 8, ~500 larvae ea.) and in D-larvae from control 
treatments, 31 d PF (n = 4, ~500 larvae ea.), determined by Iatroscan TLC/FID. Data are mean ± SE. 
Total lipids: sum of all lipid classes, energetic lipids = AH + WE +TAG + DAG, structural lipids = 
ST +AMPL + PL. nd = not detectable. For a detailed summary of all treatments see Appendix 1. 
  Embryo D-Larvae 
  Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids  197.47 ± 14.60    151.26 ± 2.40   
Energetic Lipids:         
TAG  126.66 ± 9.64    64.13 ± 0.91    95.20 ± 1.00    62.95 ± 0.42 
WE      6.85 ± 0.43      3.48 ± 0.04      6.39 ± 0.28      4.23 ± 0.20 
AH      2.46 ± 0.24      1.24 ± 0.06      2.33 ± 0.25      1.53 ± 0.15 
DAG    nd    nd      4.41 ± 0.88      2.91 ± 0.58 
Total  136.56 ± 10.02    69.18 ± 1.03  108.32 ± 1.83    71.62 ± 0.78 
Structural Lipids:         
PL    46.46 ± 4.08    23.52 ± 1.13    29.96 ± 2.11    19.79 ± 1.3 
AMPL    10.04 ± 0.85      5.26 ± 0.12      9.10 ± 1.01      6.02 ± 0.69 
ST      4.06 ± 0.44      2.04 ± 0.07      3.89 ± 0.40      2.56 ± 0.23 
Total    60.92 ± 5.12    30.82 ± 1.03    42.94 ± 1.50    28.38 ± 0.78 
Ratios         
Energetic:Structural      2.25 ± 0.11        2.53 ± 0.10   
TAG:ST    31.49 ± 0.87      25.12 ± 2.07   
TAG:PL      2.75 ± 0.17        3.22 ± 0.25   
 
 
4.3.1.3 D-larval stage 
Total lipid content in D-larvae ranged from 136.4 – 188.3 ng larva-1. TAG dominated the 
lipid classes, averaging 63% of the total lipid content, followed by PL at 20% (Appendix 1). 
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4.3.1.3.1 Lipid Depletion 
In development to the D-larval stage, over 45 ng of total lipid per larva was used, a 
depletion of nearly 25% of that available at 2 d PF (Table 4.3 and 4.4). Depletion of total 
lipid content between 2 d PF and 27-33 d PF ranged from 9.3 ± 6.3% depletion in the low 
pH/control temperature treatment to 33.4 ± 1.1% depletion in the low pH/0.5°C treatment 
(Fig. 4.2a). Significant reductions occurred in energetic and structural lipids (9.4-45.9% and 
10.0-24.9%, respectively; Fig. 4.2b and c), and also TAG and PL (12.1-35.8% and 21.5-
49.9%, respectively), indicating these were the primary lipids used during development (Fig. 
4.2d and e, Appendix 1). Increases were observed in DAG while non-significant depletion 
was observed in AH, ST, and AMPL. Overall losses in both energetic and structural lipid 
classes were largely due to significant depletion of TAG and PL, respectively (energetic: 6.5-
31.3% and structural: 15.9-38%, Fig. 4.2b and c).   
 
Table 4.4. Summary of one-way ANOVA for difference in lipid content and classes between embryos 
2 d PF and D-larvae 27-31 d PF (as described in Table 4.3) with development stage as an independent 
factor for D-larval lipid content at the control pH and temperature. Significant results in bold. 
Lipid F(3,23) p 
Total Lipids   16.198 < 0.001 
TAG   16.098 < 0.001 
WE     1.568    0.219 
AH     0.835    0.362 
DAG 133.489 < 0.001 
PL   20.475 < 0.001 
AMPL     1.967    0.170 
ST     0.466    0.500 
   Energetic   11.348 
   0.002 
Structural   19.729 < 0.001 
    
  
Energetic:Structural     2.621    0.115 
TAG:ST   18.896 < 0.001 
TAG:PL     4.363 
   0.045 
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The amount of depletion in the different lipid classes during development to D-larvae was 
influenced by temperature (Fig. 4.2; Table 4.5), and this trend was driven largely by the high 
retention in the reduced pH/control temperature treatment. Post-hoc tests showed a 
significantly higher percentage of the overall D-larval lipid pool was depleted in elevated 
temperature treatments (-0.5°C: p = 0.034, 0.5°C: p = 0.003 and 1.5°C: p = 0.014, cf. with     
-1.7°C; Fig. 4.2a). Elevated temperatures also increased percent depletion of energetic and 
structural lipids during development (Fig. 4.2b and c). An independent effect of temperature 
on percent depletion of TAG and PL was observed, with post-hoc tests showing greater 
depletion of TAG in elevated temperature treatments compared to control conditions (-0.5°C: 
p = 0.001, 0.5°C: p = 0.002 and 1.5°C: p = 0.010, cf. with -1.7°C; Fig. 4.2d). In PL, greater 
depletion occurred at the highest temperature, and this was significantly different from the 
control and the -0.5°C temperatures (p = 0.016 and 0.019, respectively, Fig. 4.2e).  
 
Table 4.5. Summary table of 2-way ANOVA for factors pH and temperature on percent depletion of 
lipid content and classes (as described in Table 4.3) and ratios in D-larval stage Laternula elliptica. 
Significant results in bold. 
 
pH Temperature Temp. × pH 
Lipid F1, 23 p F3, 23 p F3, 23 p 
Total Lipids 0.641 0.432 3.239 0.016 0.264 0.074 
AH 1.529 0.229 1.432 0.259 0.373 0.773 
WE 1.111 0.303 1.541 0.231 1.185 0.337 
TAG 0.412 0.513 5.439 0.006 2.570 0.079 
ST <0.001 0.989 1.010 0.406 0.169 0.916 
AMPL 3.642 0.069 0.361 0.782 1.899 0.158 
PL 2.219 0.150 3.407 0.035 0.761 0.527 
 
            
Energetic 0.339 0.566 4.171 0.017 2.343 0.100 
Structural 0.948 0.340 3.770 0.025 1.816 0.172 
        
  
    
Energetic:Structural 0.601 0.446 4.560 0.012 1.835 0.169 
TAG:ST 0.584 0.453 1.934 0.152 0.901 0.456 
TAG:PL 0.183 0.189 4.189 0.010 0.948 0.434 
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Fig. 4.2. Percent depletion during early development from 2 days PF to D-larvae stage in a) total 
lipids, b) energetic lipids, c) structural lipid, d) TAG and e) PL. The letters above the columns indicate 
significance at p < 0.05, n = 4 per treatment. Error bars are standard error. 
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Reduced pH did not influence lipid use in development to the D-larval stage. The data 
suggested an interactive effect of pH and temperature where larvae at low pH had similar 
lipid depletion to control, except those at -1.7°C. Larvae in the pH 7.65 and -1.7°C treatment 
used considerably less total lipids (~60% less) and TAG (~50% less) compared to all other 
treatments. Variation in depletion between replicates and this interactive effect was not 
significant. Percent depletion between embryos and D-larvae was not measured for DAG, as 
it was below the limit of detection in some treatments 2 d PF. Depletion in other lipid classes 
was low, highly variable and not influenced by pH or temperature (Appendix 1).  
 
 
Fig. 4.3. Lipid ratios in D-larvae a) Ratio of energetic lipid to structural lipid classes, b) Ratio of total 
triacylglycerol to cholesterol content and c) Ratio of total triacylglycerol to phospholipid content. The 
letters indicate significance as in Fig. 4.2, n = 4. Error bars are standard error. 
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4.3.1.3.2 Lipid Ratios in D-Larvae 
D-larvae contained 2-3 times more energetic lipids than structural lipids, and this was 
similar to the ratio in embryos (Fig. 4.3a; Tables 4.3 and 4.4). During development to the D-
larval stage, the TAG:ST ratio decreased while the TAG:PL ratio increased (Tables 4.3 and 
4.4).  
Temperature, but not pH, influenced ratios in D-larvae. Elevated temperatures lowered the 
ratio of energetic to structural lipids (Table 4.5, Fig. 4.3a). A trend was observed in the 
TAG:ST ratio, where it was reduced by elevated temperatures (Table 4.5, Fig. 4.3b). Ratios 
were significantly higher at the reduced pH/control temperature compared to the pH 
8.00/0.5°C and pH 7.65/1.5°C treatments. In contrast, the ratio of TAG to PL was higher at 
elevated temperature (Table 4.5, Fig. 4.4c). At 1.5°C and pH 8.00, the TAG:PL ratio was 
significantly higher than those under all other temperatures, regardless of pH (-1.7°C: p = 
0.016, -0.5°C: p = 0.002 and 0.5°C: p = 0.006; Fig. 4.3c). 
4.3.2 Respiration 
Elevated temperatures increased respiration rates in larvae above those in control 
temperature treatments (Table 4.6, Fig. 4.4). Respiration rates reached a maximum of 204.6 
pmol O2 h-1 ind-1 at 0.5°C, compared to 130.9 pmol O2 h-1 ind-1 at control conditions (Fig. 
4.4). The high Q10 values for the -1.7 to 0.5°C range indicated a significant metabolic 
response to this temperature elevation, while Q10 values for the -0.5 to 0.5°C and 0.5 to 1.5°C 
ranges showed a lack of compensation to further temperature elevations (Table 4.7). 
 
Table 4.6. Summary table of 2-way ANOVA for factors pH and temperature on respiration in D-
larval stage Laternula elliptica. Significant results in bold. 
pH Temperature Temp. × pH 
F1, 24 p F3, 24 p F3, 24 p 
1.060 0.313 3.157 0.043 0.837 0.487 
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Fig. 4.4. Oxygen consumption in D-larvae. The letters indicate significance as in Fig. 4.2, n = 4. Error 
bars are standard error. 
 
Table 4.7. Q10 values for the changes in respiration rates observed with successive temperatures 
elevations at each experimental pH. 
Temperature range 
(°C) 
Q
10
 at experimental pH 
8.00 7.65 
-1.7 to -0.5 10.90 72.00 
-0.5 to 0.5 0.28 1.02 
0.5 to 1.5 5.76 0.22 
 
Despite pH having no independent or interactive impact on respiration rate (Table 4.6), 
Q10 values showed a stronger impact of elevated temperature at reduced pH treatments (Table 
4.7). At pH 8.00, an initial high rate of change in respiration was observed when temperature 
was raised from -1.7 to -0.5°C (Fig. 4.5, Table 4.7). Under reduced pH, the change in 
respiration rate between -1.7 and -0.5°C was even greater compared to the change observed at 
the control pH (Fig. 4.4). 
4.4 Discussion 
4.4.1 Development 
Elevated temperatures accelerated development to the D-larval stage, with the fastest rates 
occurring at 0.5°C (Table 4.2). Larvae at 1.5°C reached the D-larval stage a day later than 
those at 0.5°C, suggesting that the limit for accelerated development under elevated 
temperature likely falls within this range. Compared to previous observations (Chapter 2), 
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these larvae reached the 50% abundance point two days later, however the pattern of 
acceleration with temperature was equivalent (Table 2.4 and 4.2). Contrary to my previous 
observations (in Chapter 2), pH only had a delaying effect on larval development to the D-
larvae stage at the control temperature (Table 4.2). 
4.4.1 Lipid utilisation by L. elliptica larvae 
Energetic lipids accounted for 70% of the total lipid content in L. elliptica larvae. These 
were made up primarily of TAG, with WE as a small, but notable portion. There was nearly 
three times as much TAG as the next abundant class, the structural phospholipids, which 
accounted for over 20% of the total lipid content. Both energetic and structural lipids were 
used during development. Dominance of these lipid classes in L. elliptica eggs was measured 
by Ahn et al. (2000) using HPLC and TLC. However, TAG content accounted for only 
24.4% of the total lipids in their study, compared to the 64.1% found in this experiment in 
larvae 2 d PF. Methodologies used by Ahn et al. (2000) differed from this experiment both in 
how eggs were collected and how lipids were measured. Additionally, the adult source 
populations differed (Antarctic Peninsula vs. Ross Sea). Energy per egg can differ 
significantly within species, varying with factors such as the type and availability of food for 
adults during gametogenesis, or population, genetics, temperature and other abiotic factors 
(DeFreese and Clark, 1983). 
Of the four energetic lipid classes found, only TAG displayed significant depletion during 
development from embryos to the D-larvae stage. As TAG accounted for the largest 
proportion of the total lipid pool, it is likely that TAG is the main energetic source for larval 
development in L. elliptica. TAG is a common energetic storage lipid in animals (Allen, 
1976; Holmer, 1989) and is the primary energetic lipid class in many invertebrate larvae, 
including those of echinoderms (Falkner et al., 2006; Byrne et al., 2008a; Byrne et al. 2008b;  
Falkner et al., 2015), crustaceans (e.g. Kattner et al., 2003) and molluscs (e.g. Holland and 
Spencer, 1973; Moran and Manahan, 2003; Pernet et al., 2003a). Despite its use in 
development, significantly large amounts of TAG remained at the D-larval stage 
(approximately 75% of the concentration at 2 d PF). This suggests the large remaining 
reserves could provide energy for these non-feeding larvae waiting for settlement cues. In a 
laboratory setting, L. elliptica larvae remained encapsulated for 18 mo. (Peck et al., 2007b) 
with no observations of hatching or settlement. The authors suggested that protracted 
development allows larvae to wait for favourable conditions for settlement. A sizeable 
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remaining lipid reserve, of the magnitude observed here, coupled with low metabolic rates 
typical in cold climate animals (Pearse et al., 1986), would allow for a long period of 
encapsulation in the absence of appropriate cues. Additionally, TAG may also be an 
important reserve in metamorphosis.  
Wax esters are another primary energetic lipid in animal tissues. They are often the 
dominant class in species at high latitudes (Lee et al., 2006), as well as in lecithotrophic 
larvae (Falkner et al., 2015), and are considered important in metamorphosis and post-
metamorphic development (Villinski et al., 2002). WE were found in the larvae of L. elliptica 
in this study, although the amount present was small in comparison to TAG (~4% WE vs. 
64% TAG). WE concentrations showed minimal change during development, suggesting that 
they too may be a reserve for later metamorphosis and settlement, stages which were not 
examined in this experiment. The WE reserve was smaller than might have been expected in 
a polar lecithotroph. Wax esters are a source of buoyancy control and large reserves in marine 
larvae may aid in dispersal (Villinski et al., 2002; Lee et al., 2006; Pond and Tarling, 2011). 
The small amounts in L. elliptica may encourage larval retention and recruitment within areas 
favourable to settlement. 
Significant depletion was also observed in PL, which may indicate it too was used as an 
energy source. Despite being classified as a structural lipid class, PL can be used 
energetically in development or during periods of starvation (Holland, 1978; Kattner et al., 
2003; Pernet et al., 2003b; Kattner et al., 2006) and is known to be used as a storage lipid in 
high latitude euphausiids (Lee et al., 2006). When PL is used solely as a structural lipid in 
development, its content remains constant or increases, due to its use in larval body structure 
(see Pernet et al., 2006; Lee et al., 2006; Meyer et al., 2007; Byrne et al., 2008a). Despite the 
use of PL during development, reserves were not fully exhausted. Around 65% of the 
available PL in 2 d old larvae remained available to D-larvae. However, it is unclear how 
much of this reserve would remain available energetically, as a portion of the remaining PL 
would be performing a structural function.   
4.4.2 Impacts of pH and temperature on lipid use 
There was no impact of the various temperature and pH treatments on lipid content and 
individual lipid class content during the earliest stages of embryogenesis (2 d PF). Results of 
my previous work on L. elliptica larvae have shown that, in the first 48 h development rates 
are slower at elevated temperatures (to 0.5°C), and faster at low pH (Chapter 2 and Bylenga 
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et al., 2015). This was not reflected in lipid use, although any differences may have been 
hidden in the variation seen between treatments. However, development at this very early 
stage may not be energetically costly. In urchin larvae, the use of energetic lipids was 
negligible in early development stages (early cleavage to hatching), higher levels of 
maternally provided lipids were used in the development of the feeding larvae (Byrne et al., 
2008a). 
While there was an indication of a significant overall effect of elevated temperature on L. 
elliptica lipid use, the significance was only due to the observation of reduced depletion in a 
single treatment (pH 7.65/-1.7°C). The trend of increased lipid use at elevated temperatures 
was not significant against the control due to measured variations, although it was still 
apparent. Additionally, even with a trend towards greater lipid use at elevated temperature, 
large reserves remained in larvae at all treatments (65-75% of the original lipid pool).  
Changes in development rate in response to temperature and pH change are not 
uncommon (e.g. Sheppard Brennand et al., 2010; Stumpp et al., 2011b), although how these 
changes are reflected in energy use is largely unknown. Faster development rates observed in 
this experiment were not supported by increases in lipid use. Therefore, at elevated 
temperatures, larvae reached competency faster with large remaining reserves. Through 
lecithotrophy, lipids can provide larvae with sufficient reserves to sustain development 
through periods of low primary production, generating competent larvae at the onset of spring 
blooms (Lee et al., 2006). It is unknown how elevated temperatures will impact food 
availability and feeding behaviour in adults, which in turn would influence larval 
provisioning. Adults undergoing gametogenesis at elevated temperatures and/or reduced pH, 
may provide larvae with better resources for survival or initiate changes in gene expression 
(Miller et al., 2012; Parker et al., 2015). However, under current provisioning, elevated 
temperatures may improve populations of L. elliptica through the production of larvae ready 
for metamorphosis at a faster rate, with no great trade-off in energy expenditure. 
An animal’s response to OA may be dependent on its capacity to regulate acid-base status 
(Pörtner, 2002a; Michaelidis et al., 2005), which in larvae may be metabolically demanding 
or limited (Melzner et al., 2009). Additionally, the costs may be greater in calcifiers as they 
will need to regulate saturation states at the site of calcification (McConnaughey and Gillikin, 
2008), which may also incur metbolic costs (Tunnicliffe et al., 2009; Thomsen et al., 2010; 
Wicks and Roberts, 2012). Other costs may come from active processes surrounding the 
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provision of substrates for calcification, such as moving seawater carbonate into the cell 
against concentration gradients under low saturation or by the conversion of respiratory CO2 
into bicarbonate (Roleda et al., 2012). Organisms may respond by either reducing 
calcification rates or by increasing the use of energy.  
Potential energetic costs for development have been inferred through the analysis of 
changes in growth rates (Thomsen and Melzner, 2010; Stumpp et al., 2011b), calcification 
(Thomsen and Melzner, 2010), metabolic rates (Thomsen and Melzner, 2010; Nakamura et 
al., 2011), gene expression (Todgham and Hofmann, 2009; O'Donnell et al., 2010; Stumpp et 
al., 2011a), and the regulation of proteins (Wong et al., 2011). Despite these observations, 
this is only the second study I am aware of to perform a detailed biochemical analysis on the 
energetic reserves in larvae affected by OA (see also Matson et al., 2012). In this experiment, 
only larvae from the reduced pH treatment at the control temperature displayed a significant 
change in lipid use. These larvae developed more slowly and used significantly less TAG in 
development to the D-larvae stage compared to that in all other treatments. Additionally, 
these larvae used less PL compared to larvae at 1.5°C. These results imply that reduced pH 
lowered energetic costs at the control temperatures and had no effect in larvae at elevated 
temperatures. Therefore larvae at reduced pH reached equivalent life stages with little or 
reduced impact on lipid reserves.  
Biochemical analysis of larval urchins raised under high pCO2 conditions showed no 
change in lipid use at set times PF, but the larvae had reduced growth (Matson et al., 2012).  
The authors suggested the urchin larvae were not altering the use of the energy they had 
available, but rather growing less under the same energy use. L. elliptica larvae may be 
continuing development through the diversion of resources away from energetically 
expensive activities such as calcification or later shell growth. Reductions in the energy spent 
in these areas could result in smaller and weaker larvae at competency. There are indications 
that this may be the case; under reduced pH, the larval shells of L. elliptica have high 
occurrences of malformation, pitting and cracking (see Chapter 3). 
Increases in metabolic rates have been used as an indicator of a greater energetic cost to 
development under stress (e.g. Stumpp et al., 2011b). Overall, respiration rates increased at 
elevated temperatures, while they did not change with reduced pH. These rates reflected the 
impacts of temperature on development rate in L. elliptica. Respiration was significantly 
higher in the larvae that reached 50% abundance in the D-larvae stage in 22-24 d relative to 
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those that took 26-28 d. While the increased respiration indicates a higher metabolic rate at 
elevated temperatures, this did not appear to have an added energetic cost, at least in the use 
of lipids.  
Q10 results from this study suggest that a thermal tolerance point for L. elliptica larvae was 
reached, possibly around -0.5°C. Following an initial increase when temperatures were raised 
from -1.7 to -0.5°C, respiration rates remained steady upon further temperature elevation, 
indicating maximum respiration rates were reached. It is likely that oxygen delivery systems 
in polar species will be optimal between the average high and lows found in the organism’s 
environment, and that a less variable environment will have restricted tolerance limits. Limits 
of thermal tolerance are also linked with respiration and organismal capacity to supply 
oxygen demand. A decrease in aerobic scope points to an approach towards thermal limits, 
indicated by falling internal O2 levels or decreased ventilation followed by a critical threshold 
where anaerobic metabolism begins (Pörtner, 2002a, b). Thermal sensitivity is usually first 
observed as limitations in species with high organisational complexity, so that less complex 
organisms tend to have higher thermal tolerances. Thermal limitation is progressive, affecting 
processes first and flowing downwards: from systemic to cellular to molecular levels 
(Pörtner, 2002a).  
The lack of change in larval respiration rates as well as no increased lipid use with reduced 
pH suggests that these larvae are not upregulating metabolism to support the increased costs 
of calcifying under OA. Larvae may instead be reducing calcification, which would lead to 
smaller, weaker shells (see Chapter 3). However, it is possible that reduced pH causes a 
switch in energetic pathways, supporting metabolism with a different energetic source, such 
as protein which fuels adult metabolism (Brockington, 2001; Ahn et al., 2003). Proteins 
typically are another major energy component in invertebrate eggs (Holland and Spencer, 
1973; Labarta et al., 1999; Falkner et al., 2015), although their use in development and 
relative proportions varies with species. Protein concentrations in L. elliptica larvae are 
unknown. 
The larvae of L. elliptica have the capacity to defer metamorphosis and settlement and 
remain encapsulated for extensive periods of time (+18 mo; Peck et al., 2007b). During this 
time, larvae would be able to continue growth while waiting for settlement cues. The sizable 
lipid reserves observed here would likely be able to support long encapsulation times, 
particularly if the larvae do not perform additional shell and somatic growth in this period, 
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reserving this energy for basic functioning. Additionally, remaining reserves may carry over 
through metamorphosis, providing an alternative resource for juveniles guarding against 
starvation or food limitation (Thiyagarajan et al., 2005). However, the higher metabolic rates 
and some of the trends toward higher lipid use at elevated temperatures could strain energetic 
resources and could impair later development. Smaller remaining reserves would reduce 
larval capacity to defer settlement in the absence of cues. Supporting the increased rates of 
metabolism may become difficult if malformed and weak shells (see Chapter 3) impair 
feeding capacity in juveniles. Projections to 2100 suggest these larvae will not be negatively 
impacted by ocean warming and acidification. While they may be approaching thermal 
tolerance limits, a temperature change of +3°C would not significantly tax energetic 
resources and may result in larvae prepared for metamorphosis sooner than under ambient 
conditions.   
4.4.3 Conclusions 
The lecithotrophic larvae of L. elliptica rely on large reserves of TAG and PL to develop 
to the D-larvae stage. Despite considerable depletion of both of these lipid classes during 
development, significant reserves remained for metamorphosis, suggesting these larvae are 
well provisioned, even for long periods of encapsulation in the absence of settlement cues. In 
contrast to other polar species, WE comprised only a small portion (< 5%) of the total lipids 
in L. elliptica larvae.  
These larvae showed resilience to projected ocean changes. An elevation in metabolic rate, 
indicated by increased O2 consumption, coincided with observations of pH and temperature 
impacts on development rates in this species (Bylenga et al., 2015). However, increased 
metabolic rates did not come at great energetic cost. Changes in development rates were not 
reflected in significant changes in the lipids required to reach equivalent points of 
development, although the impacts of these stressors on other energetic reserves in larvae 
(protein, carbohydrates) are still unknown. Carry over effects may last over generations. 
Larvae of L. elliptica are well provisioned and will likely experience little energetic cost in 
development under end of century temperature and pH projections. 
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Chapter 5 
Ocean acidification does not impact biodeposition by the Antarctic 
bivalve Laternula elliptica 
 
5.1 Introduction 
Ocean acidification (OA) is an important stressor in molluscs. OA occurs through 
increased uptake of CO2 by the oceans, resulting in an increase in hydrogen ion 
concentrations, and a subsequent reduction in ocean pH. Excess hydrogen can be removed 
through buffering by carbonate, which in turn reduces its availability for processes such as 
biological calcification. Thus, as OA increases, calcifiers may experience increased difficulty 
in shell formation as well as dissolution or degradation of existing calcium carbonate 
structures. OA may also have further impacts through altering immune responses, changing 
metabolism and interfering with acid-base pathways, as well as reducing reproduction and 
survival (Parker et al., 2013). 
In calcifying organisms, research and concern about OA is often related to growth, or the 
maintenance and production of calcified structures. However, there are also metabolic effects 
that may result in a change in feeding behaviour in some species. Research into the impacts 
of acidification on feeding behaviour in bivalves typically focuses mostly on acidification 
from eutrophication, sewage and acid soils outflows (see Pynnönen and Huebner, 1995; Dove 
and Sammut, 2007), as well as industrial discharges and mining waste (see Loosanoff and 
Tommers, 1947; Bamber, 1987; Bamber, 1990; Loayza-Muro and Elías-Letts, 2007), 
situations that involve short term exposures to drastically low pH (~5.5) and that often 
coincide with toxic metal exposure. In these cases, tissue degradation and necrosis occurred 
along with abnormal filtering behaviour including shell gaping or prolonged closure, 
diminished biodeposit production, increased mucous production and decreased filtration rates 
(Bamber, 1987; Bamber, 1990; Pynnönen and Huebner, 1995; Dove and Sammut, 2007; 
Loayza-Muro and Elías-Letts, 2007). 
Few studies have examined feeding behaviour under pH stress from elevated [CO2]. Some 
invertebrate species show no direct impacts on behaviour or feeding rates (e.g. Marchant et 
al., 2010; Arnberg et al., 2013). In some bivalves, however, long term exposure to low pH 
89 
 
reduced food clearance rates and absorption efficiency, as well as diminished oxygen 
consumption and increased ammonia excretion (Fernández-Reiriz et al., 2011; Navarro et al., 
2013). However, in closely related species, reduced pH resulted in losses of organic tissue 
mass with no changes in ingestion and clearance rates (Fernández-Reiriz et al., 2011). 
Abalone larvae altered their particle selection in favour of smaller food particle sizes, and 
reduced ingestion and clearance rates (Vargas et al., 2013).  
Higher routine metabolic rates occur with OA, meaning that increased energetic costs may 
be associated with reduced pH (Parker et al., 2013). These increases in metabolic rates may 
result in changes to energy allocation, redirecting energy at the expense of non-vital 
processes (Melzner et al., 2011). This indicates that food availability too could influence 
responses to OA. This has been observed in mussels, where increased shell dissolution 
occurred under combined stressors of reduced food and OA (Melzner et al., 2011).  
Primary production in the Antarctic is seasonal with large variations due to differences in 
light conditions, sea-ice cover and currents. Additionally, productive seasons in the Antarctic 
may be quite short (Kang et al., 1997; Ahn et al., 2003). Some ice-covered, shallow water 
regions are classified as phytoplankton impoverished despite having highly productive 
benthic communities (Ahn et al., 1993; Norkko et al., 2005a). Suspension feeders in these 
communities may be opportunistic, using both advected material and resuspended benthic 
microalgae for food (Peck et al., 2005; Tatián et al., 2008).  
Sedimentation is the process by which organic and inorganic particles suspended in the 
water column are deposited to the benthos. This process is enhanced through biodeposition, 
where suspension feeding organisms bind particulate matter and expel it as faeces and 
pseudofaeces, substantially increasing organic and nutrient content in surrounding sediments 
(Kautsky and Evans, 1987; Jaramillo et al., 1992; Norkko et al., 2001). Due to this benthic-
pelagic coupling, benthic communities are enhanced in the presence of biodepositors (Norkko 
et al., 2001). The extent of biodeposition is related to the abundance of suspension feeding 
organisms, their distributions and their feeding behaviour (Jaramillo et al., 1992). Suspension 
feeders generally ingest particles from the water column; particles that are not selected for 
consumption are bound in mucous and rejected as pseudofaeces, while particles that are 
utilised are digested and the remains deposited as faeces (Levinton, 1972). Suspension 
feeders may alter rates of filtration, ingestion or rejection as well as change particle handling 
times and selection efficiency in response to environmental conditions in order to maximise 
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the energetic gain from feeding (Bayne, 1998). Changes in particle selection in response to 
stress or increased metabolic demands could alter inorganic and organic content of 
pseudofaeces and faeces. Feeding and biodeposition rates may be impacted by factors such as 
sediment loads (Hawkins et al., 1996; Safi et al., 2007), temperature (Jaramillo et al., 1992), 
salinity (Navarro, 1988; Jaramillo et al., 1992), hypoxia (Norkko et al., 2005b), and the 
presence of toxic species (Hégaret et al., 2007), as well as variations in the amount and 
quality of food (Bayne et al., 1988; Lauringson et al., 2007).  
The suspension feeding clam, Laternula elliptica, plays an important role in Antarctic 
benthic-pelagic coupling (Ahn, 1993; Ahn et al., 1993). Sedimentation of organic matter 
increases in the presence of L. elliptica, with deposition of organic carbon measured around 
95 mg C m-2 d-1, a value comparable to Mytilus edulis in temperate waters (Ahn, 1993). 
Consequently, L. elliptica increases the amount of organic carbon available for deposit 
feeders in sediments (Ahn et al., 1993). 
L. elliptica feeds on particles suspended in the water column, which in winter months are 
limited due to lack of primary production or sediment resuspension in fast-ice covered seas 
(Brockington, 2001; Tatián et al., 2008). They are able to utilise a variety of particle types 
and sizes, including macroalgal fragments, although the importance of different food sources 
may be site-specific (Norkko et al., 2007; Tatián et al., 2008). Energy budgets vary with 
season, with somatic growth occurring primarily in summer months. During winter, feeding 
and metabolic activity are reduced and the animal survives on energy stored primarily in 
muscle tissue (Ahn and Shim, 1998; Brockington, 2001). Gonad development may remain 
constant across seasons, although peak gametogenesis is linked to chlorophyll α abundance 
(Kang et al., 2009). Their capacity for entering a low metabolic state allows L. elliptica to 
withstand unfavourable conditions. However, this requires that the animal be able to make up 
energy reserves upon return to favourable conditions. It is unknown whether L. elliptica has 
the capacity to enter low metabolic states in response to other stressors. Larger animals 
reduce respiration rates, and presumably filtration rates, under increased sediment loads 
(Philipp et al., 2011), but the influence of other stressors on biodeposition rates in L. elliptica 
are unknown. 
Exposure to OA results in rapid dissolution of empty shells in L. elliptica (McClintock et 
al., 2009); while in live adults exposure increases expression of chitin synthase and heat 
shock proteins and elevates oxygen consumption (Cummings et al., 2011). In addition to 
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impacts on the shell, living under reduced pH would also expose tissues to unfavourable 
conditions, which could lead to an increased cost of maintaining homeostasis. Under such 
conditions, adults could increase food uptake, resulting in changes to pseudofaeces and faeces 
production as well as their inorganic and organic contents. Alternatively, adults could divert 
energy from areas of lesser importance such as fuelling somatic growth and gonad 
development. The larvae of L. elliptica are lecithotrophic, meaning they rely on maternally 
provided energetic reserves in the egg to fuel larval development through to metamorphosis. 
Changes in feeding behaviour could be indications of increased energetic demand, pointing to 
potential flow on effects to eggs and larvae.  Success of juveniles can be directly linked to 
nutritional supply (Emlet and Sadro, 2006); this indicates that reduced nutritional states in 
adults could carry over to vulnerable early juvenile stages. Larvae experience high mortality 
rates (60%) and altered development timing in response to both elevated temperature and 
reduced pH, individually and in combination (Chapter 2, Bylenga et al., 2015). As they are 
important biodepositors, changes in feeding behaviour under these conditions could also have 
negative flow on effects to the benthic community. For example, reductions in deposited 
carbon through altered feeding rates would impact the available energy for associated deposit 
feeding organisms. In this study, feeding behaviour of L. elliptica under OA was examined 
by comparing biodeposit production and organic composition of faeces and pseudofaeces 
across a range of reduced pH levels. 
5.2 Methods 
On 31 October 2013, 48 L. elliptica were collected from a depth of 14.2 m in loose gravel 
sediments at Cape Evans (-77.635258° S 166.414382° E). They were hung in a catch bag 
under the sea ice until they were used in the experiments 7-15 d later. Two separate 
experiments were conducted to assess biodeposition following 48 and 96 h exposure to 
reduced pH. Both experiments were carried out at Cape Evans in a tent on the sea ice. 
Experimental tanks were isolated from the ice by an insulated floor and padding. 
The first experiment was initiated on 7 November 2013, when clams were placed into 
insulated experimental tanks in free flowing seawater (50 ml/min). The clams were 
acclimated to the tanks at the control pH (~pH 8.05) for two hours. Seawater pH was slowly 
lowered over the following 6 h to experimental pH levels 7.78, representative of end of 
century projections (Caldeira and Wickett, 2003; IPCC, 2013), and further reduced pH of 
7.54 in order to further assess responses to low pH, using diffusion of food grade CO2 into 
92 
 
two supply tanks. A third tank supplied seawater at ambient pH as a control. No temperature 
manipulation was performed; therefore, all treatments were at ambient temperature (around -
1.9°C).  
 
Fig. 5.1. Set up for biodeposition experiment.  pH was manipulated in the blue supply tanks visible in 
the background in a, and experimental seawater was delivered to the 30 insulated tanks via the line 
suspended above the tanks in b. 
 
Thirty 2 L experimental tanks were used, 10 for each treatment pH (Fig. 5.1). Prior to the 
experiment, a 1 litre plastic bag was placed in each bucket and the flow was directed into it to 
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fill it up until it flowed over into the tank (Fig. 5.1 a). The tanks were placed in a randomised 
block design to account for any possible effects of temperature gradients from the nearby 
door and dive hole. The set of tanks was covered in black plastic sheeting to help mimic low 
light conditions under the ice. The shell length of each clam was determined before placing 
them on the bottom of the experimental tank (one ind. per tank, n = 8 per treatment). Two 
tanks with plastic bags were left empty at each pH to provide a control for the passive 
settlement of organic and inorganic particulate matter due to natural sedimentation. Three to 
five times per day, the plastic sheeting was raised to feed the clams and to make observations 
of behaviour in L. elliptica, such as siphon position and movement. 
When the target pH was reached, clams were removed from the bottom of their tanks and 
placed in their respective plastic bags. The shape of the plastic bag allowed the clams to 
maintain a natural upright body position in order to minimise animal stress. The 48 h 
experimental period was then initiated. Twice a day during this time, the flow was stopped 
for 30 min to feed the clams 0.5 ml of a mixed algal solution, created from concentrating 
scrapings from under the ice. As empty tanks were used to control for the passive settlement 
of particles outside of biodeposition, the algal mix was added to all tanks. After 48 hours, 
water flow was turned off and clams were removed. The bag was sealed and the contents 
were allowed to settle. Before filtration a qualitative assessment of the shape, size and colour 
of the pseudofaeces and faeces was made. Deposits from both experiments were filtered onto 
preweighed 47 mm precombusted Whatman GF/C filters for measurements of total 
biodeposits and passive settlement and kept frozen until analysis was performed in 
Wellington, New Zealand. 
Experiment 2 was initiated on 15 November, with 24 new individuals. Methods followed 
those described above for Experiment 1, with two exceptions. Firstly, once the pH had been 
lowered, L. elliptica were acclimated to experimental conditions for 48 hours prior to the 
collection of biodeposits. Secondly, faeces and pseudofaeces were collected separately.  
Clams were fed during acclimation, also as described above. The clams were then placed in 
the plastic bags and biodeposits were allowed to collect for 48 hours following the 
acclimation period. In order to assess potential impacts of pH on food rejection, pseudofaeces 
were separated using a Pasteur pipette and filtered separately from the faeces and any 
remaining settled particles (referred to collectively as faecal deposits).  
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Filters were dried for 24 hours at 60°C, weighed and then combusted at 450°C for 3 hours 
to determine ash-free dry weight (AFDW).  Dry weights (DWs) of passive settlement and 
deposit samples were determined by subtracting the initial filter weight from the weight after 
being dried for 24 hours. Biodeposition in Experiment 1 was determined by the DW of total 
deposits produced in 24 hours, corrected for total as well as inorganic and organic content of 
passive settlement (mg ind.-1 d-1). In Experiment 2, total deposits were calculated by adding 
the DW of pseudofaecal and faecal content. Organic content in both experiments was 
determined using the differences between AFDW and DW. Rates of pseudofaeces production 
and the organic content of deposits were expressed as mg ind-1 d-1; and organic content was 
also expressed as percentage of total DW. Due to the separate collection of faeces and 
pseudofaeces, only total deposits in Experiment 2 samples were corrected for passive 
settlement. As biodeposit production in L. elliptica is linked to animal weight (Ahn et al., 
1993) and limitations of field work prevented accurate weighing of the clams, deposit 
weights were normalised to shell length. 
5.2.1 Statistical analysis 
All statistical analysis was performed using SPSS, version 22. Normality of the data was 
verified using Shapiro-Wilk’s test and equality of variance was confirmed using Levene’s 
test. The impacts of pH on total biodeposits (Experiment 1 and 2), pseudofaecal and faecal 
production (Experiment 2), as well as the organic components of each were compared by 
one-way ANOVA with pH as a single factor.  
 
5.3 Results 
5.3.1 Behaviour  
Clams ranged in size from 63.3 - 93.6 mm, averaging 82.9 mm in Experiment 1 and 75.1 
mm in Experiment 2. The shape of the bag which held the clam allowed individuals to 
maintain an upright position, reflecting their natural orientation in sediments. Siphons 
remained partially to fully extended and the foot was often observed extending from the 
bottom of the shell. Feeding behaviour was not constant. Clams regularly had their siphons 
closed, but not for extended periods of time (> 2 h). No differences in behaviour were 
observed in individuals between treatments. 
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Pseudofaeces and faeces were ejected simultaneously and were slightly sticky, often 
adhering to the siphon or shell. Individuals were carefully rinsed with filtered seawater into 
the tanks to ensure collection of all deposits. In reduced pH treatments in both experiments, 
an apparent increase in mucous production was observed, with pseudofaeces appearing larger 
and more translucent. 
5.3.2 Deposition 
Total deposition in both experiments was greater than passive settlement (up to 2.3 x). 
However, the net deposition rates differed between Experiment 1 and 2 (average 4.4 and 21.6 
mg ind-1 d-1 above passive settlement, respectively). Passive settlement was similar between 
experiments and did not vary with treatment pH (~16.3 ± 0.3 mg d-1; comprising 12.5 ± 0.1 
and 3.9 ± 0.2 mg d-1 inorganic and organic content, respectively). When adjusted for wet 
weight using average values from Ahn (1993), daily deposition rates in Experiments 1 and 2 
were 0.26-0.53 mg · g wet wt-1 · d-1. 
5.3.3 Experiment 1 
In Experiment 1, deposition by L. elliptica was 3.64-4.87 mg ind.-1 d-1, when corrected for 
passive settlement (Fig. 5.2). Inorganic content accounted for a greater percentage of the 
biodeposits (70-75%) and pH had no effect on uncorrected or length-corrected total deposits, 
inorganic or organic content (Table 5.1).  
 
 
Fig. 5.2. Average organic and inorganic content of individual daily deposition at experimental pH in 
Experiment 1, corrected for passive settlement. Error bars are standard error. 
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Table 5.1. Results of one-way ANOVA on the effect of pH on biodeposition in Experiment 1, 
including results corrected for shell length. 
 
F2, 21 p 
Total deposits 0.758 0.481 
Organic content 0.293 0.749 
Inorganic content 0.884 0.428 
Percent organic 0.889 0.426 
Length Corrected: 
Total deposits 1.553 0.235 
Organic content 0.378 0.690 
Inorganic content 1.844 0.183 
 
5.3.4 Experiment 2 
Biodeposition was much higher in Experiment 2, ranging between 21.2 and 22.1 mg ind.-1 
d-1 above passive settlement in control tanks. Pseudofaeces accounted for approximately 45% 
of the total deposits, with no effect of pH on total deposits, pseudofaeces or faecal deposits 
(Table 5.2). Approximately 30% of pseudofaeces and faecal deposits were organic material 
and organic content was not significantly impacted by pH (Fig. 5.3, Table 5.2). Additionally, 
no significant difference was found between treatments when deposits and organic content 
were corrected for shell length. 
 
Table 5.2. Results of one-way ANOVA on the effect of pH on total deposition, faecal content and 
pseudofaecal content in Experiment 2. 
 
Total deposits Non-pseudofaeces Pseudofaeces 
 
F2, 21 p F2, 21 p F2, 21 p 
Total deposits 0.146 0.865 0.021 0.979 0.691 0.512 
Organic content 0.128 0.881 0.019 0.981 0.496 0.616 
Inorganic content 0.144 0.867 0.020 0.980 0.839 0.446 
Percent organic 0.067 0.935 0.011 0.989 1.043 0.370 
Length Corrected: 
Total content 0.691 0.512 0.364 0.699 0.952 0.402 
Organic content 0.687 0.514 0.240 0.789 1.180 0.327 
Inorganic content 0.644 0.535 0.362 0.700 0.889 0.426 
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Fig. 5.3. a) Total organic and inorganic deposition, corrected for passive settlement and b) average 
individual daily deposition at experimental pH in Experiment 2 separated by inorganic and organic 
content of faecal and pseudofaecal deposits. Error bars are standard error. 
  
 
5.4 Discussion 
The presence of a single adult L. elliptica increased deposition of material from the water 
column above passive settlement, demonstrating their importance in benthic-pelagic coupling 
and sedimentation. Short term exposure to reduced pH did not influence feeding behaviour or 
the amount or the characteristics of biodeposits.  Animal wet weights were not measured in 
this experiment; however when deposition rates were adjusted using average wet weight 
values from Ahn (1993), deposition was within the low end of the range of their daily rates 
(i.e. 0.26-0.53 mg · g wet wt-1 · d-1 vs. 0.26-2.17 mg · g wet wt-1 · d-1 in Ahn 1993). As L. 
elliptica has the capacity to enter a near hibernation state under low food concentrations 
(Brockington, 2001), clams were well fed to ensure sufficient biodeposit collection. 
Biodeposition in this experiment may have been influenced more by food availability than by 
the external seawater conditions. Under ideal food conditions, impacts of stressors may be 
reduced or overridden (Norkko et al., 2005b; Melzner et al., 2011). 
Stress responses may be dependent on other factors such as age, size class and source 
population. For example, under various stressors small, young L. elliptica showed lower 
stress responses to tissue and shell damage, had lower accumulation of metals and cellular 
waste products, and also displayed a greater capacity for reburial and other energetically 
intense actions under stress compared to older and larger adults (Clark et al., 2013; Husmann 
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et al., 2011; Husmann et al., 2012). Respiration in animals from different source populations 
on King George Island on the Antarctic Peninsula showed various responses to increased 
sediment loads in the water column which reflected sediment influx in the source areas 
(Philipp et al., 2011). Animals grown in a more variable environment (in terms of sediment 
load, salinity, temperature, food supply etc.) may also show a greater capacity to respond to 
and withstand a changing environment, reflecting the importance of experience in defining 
tolerance limits (Pörtner, 2010).  
In 2011, daily variation at Cape Evans reached as high as 0.090 pH units and seasonal 
variation was 0.3 units in 2012 and 2013 (see Matson et al., 2011; Matson et al., 2014; 
Kapsenberg et al., 2015). However, the lowest pH measurements occurred in winter months 
(Kapsenberg et al., 2015), when feeding activity in L. elliptica would be minimal or cease 
altogether (Brockington, 2001). Although the pH in my experiments was lower than that 
observed at Cape Evans, the natural variation at the site may indicate an adaptive capacity in 
the adults, allowing them to withstand short term stresses (maximum exposure time to low 
pH was 4 d in Experiment 2). While L. elliptica may be adapted to short term exposure, 
longer term exposure may have a metabolic cost. For example, under reduced pH, increased 
heat shock protein levels and chitin synthase gene expression (after 21 d) as well as increased 
oxygen consumption (after 120 d) were observed in L. elliptica (Cummings et al., 2011). It is 
possible that the increased metabolic costs associated with these observed changes could 
increase energetic demand over time, resulting in changing feeding behaviours with 
prolonged exposure.  
The energy to support added metabolic costs may come from increased food intake, 
internal reserves, or the diversion of energy away from less important activities, such as 
gametogenesis. Here I show that in the very short term, L. elliptica do not change feeding 
behaviour to support these additional demands. Adults may be tolerating pH in the short term 
or else they are supporting increased metabolic demand by diverting resources, which could 
have consequences for individual growth or larval provisioning. However, longer term 
exposure in the adults is necessary to fully understand these implications. 
In these experiments, qualitative differences in pseudofaeces were observed, being less 
compact and more translucent under reduced pH. Other studies have shown increased mucus 
production in molluscs in response to reduced pH (Loayza-Muro and Elías-Letts, 2007). 
Additionally, stress may result in changes in particle selection (Safi et al., 2007; Vargas et al., 
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2013). Increased mucous production could hide changes in particle selection when only 
organic content is measured. The observed differences in pseudofaeces colouration in 
Experiment 2 could be an indication of changes in particle selection and/or mucous 
production. If L. elliptica were rejecting fewer particles under low pH, and simultaneously 
increasing mucous production, overall organic content may have remained similar between 
treatments. Ashing provides a measure of organic content in a sample, but it does not allow 
differentiation of carbon sources, and therefore differences in organic carbon contributions 
from mucous and phytoplankton would not have been measured. Closer examination and 
comparison of species abundances and particle sizes in pseudofaeces and faeces would allow 
clarification of feeding behaviours such as ingestion/rejection rates, and indicate whether 
changes in particle selection occur under lower pH.  
A difference in total biodeposition was observed between Experiments 1 and 2. In the first 
experiment, pH was lowered over 6 hours prior to the experiment start and clams were fed at 
the start of the experiment. In the second experiment, the clams were held in the tanks at 
experimental pH for 48 h prior to the start of the experiment and were fed during this time. 
Food may reside in the gut of L. elliptica in excess of 15 h (Tatián et al., 2008). The clams in 
Experiment 1 may have had a period of relatively low food intake by having been stored 
under the ice prior to the start of the experiment and the reduced deposition may be due to 
clams filling empty stomachs before beginning deposition.  
5.4.1 Conclusions 
L. elliptica significantly enhanced their environment through the provision of nutrients and 
organic deposits above natural sedimentation. Total deposition is dependent on variables such 
as feeding duration, season and organic content. Despite pH impacting respiration rates in 
another experiment (Cummings et al., 2011),  pH did not affect deposition or feeding 
behaviour, at least in the short term with high food availability. However, changes in particle 
selection may have occurred, as indicated by qualitative differences in pseudofaecal 
appearances at low pH. This indicates that L. elliptica adults may be able to withstand 
projected conditions for the Antarctic, continuing to provide adequate reserves for their 
lecithotrophic larvae as well as conserving suitable reserves for dormancy in winter months 
and maintaining their role as significant biodepositors in the Antarctic. However, longer term 
assessment of feeding behaviour would need to be performed to see if rates are impacted by 
metabolic changes observed under longer term exposure. 
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Chapter 6 
Discussion 
 
6.1 Introduction 
Anthropogenic activities are having a significant impact on the environment, changing 
temperatures and ocean chemistry at an unprecedented rate (IPCC, 2013). Rapidly changing 
ocean conditions have significant implications for species survival, particularly in regions 
more sensitive to these changes, such as the Southern Ocean. Previously, adults of the 
Antarctic clam, Laternula elliptica, have been demonstrated to be sensitive to two of these 
stressors, ocean acidification and warming (see Cummings et al., 2011; Hempel, 2016), 
however, impacts on early life history stages are unknown. In order to address this knowledge 
gap, larval development in L. elliptica was analysed in a series of laboratory experiments, in 
which larvae were raised under elevated temperature conditions (-0.5 to +1.5°C) and/or 
reduced pH (7.80 to 7.65), representative of changes in their environment projected for the 
end of the century. The observed differences in development and abnormality rates, larval 
sizes and metabolism between larvae raised at the control pH and temperature (~8.00 and -
1.7°C, respectively), and those elevated temperatures and reduced pH are summarised in 
Table 6.1.  
 
 
 
Table 6.1. (Opposite page). Summary of the experimental results on the effects of elevated 
temperature and reduced pH on development and nutrition in L. elliptica compared to the control 
temperature and pH treatment (-1.6/-1.7°C and ~8.00, respectively). ↑ and ↓ indicate significant 
increases and decreases, respectively, in fertilisation success, larval development, abnormalities, 
respiration rates and sizes or lipid use, where significance is p < 0.05. Double arrows indicate p < 
0.001, ns = no significance. Green arrows indicate an effect that would likely be beneficial and red 
indicates detrimental effects. Blank spaces, apart from those at control conditions, indicate treatments 
where the effect was not assessed. * includes 2, 8 and 16-cell stages. **includes blastula, trochophore 
and veliger stages. *** Low pH value for biodeposition was 7.54. 
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Experimental Temperature (°C) 
  
pH 
-1.7/-1.6 
(Control) -0.5 0.4/0.5 1.5 Parameter Chapter 
~8.00 
(Control) 
  ↑↑ ↑↑ 
 
Fertilisation (4-6 h) 2 
 
↑↑ ↑↑ 
 
Early development (to 48 h)* 2 
 
↑↑ ↑↑ 
 
Early development (2-20 d)** 2 
 
↑↑ ↑↑ 
 
D-larval development 2 
 
↑↑ ↑↑ ↑↑ D-larval development 4 
 
↑↑ ↑↑ 
 
Early abnormality rate (to 6 d) 2 
 
↓
 
ns 
 
D-larval abnormality rate 2 
 
ns ns 
 
PI size (larval body) 3 
 
ns ns 
 
PII size (shell growth) 3 
 
ns ns 
 
Shell malformation 3 
 
ns ns 
 
Shell abnormalities 3 
 
ns ns ns Lipid depletion (Total, TAG) 4 
 
↑ ↑ ↑ Respiration 4 
    
Biodeposition
***
 
5 
7.80/7.78 
↑↑ ↑↑ 
  
Fertilisation (4-6 h) 2 
ns ↑↑ 
  
Early development (to 48 h)* 2 
ns ↑↑ 
  
Early development (2-20 d)** 2 
↓ ↑ 
  
D-larval development 2 
 
   
D-larval development 4 
↑ ns 
  
Early abnormality rate (to 6 d) 2 
ns ns 
  
D-larval abnormality rate 2 
ns ns 
  
PI size (larval body) 3 
ns ns 
  
PII size (shell growth) 3 
↑ ↑ 
  
Shell malformation 3 
↑↑ ↑↑ 
  
Shell abnormalities 3 
    
Lipid depletion (Total, TAG) 4 
    
Respiration 4 
ns 
   
Biodeposition
***
 
5 
7.65 
↑↑  ↑↑ ↑↑ 
 
Fertilisation (4-6 h) 2 
ns ↑↑  ↑↑ 
 
Early development (to 48 h)* 2 
↑ ↑↑ ↑↑ 
 
Early development (2-20 d)** 2 
↓↓ ↓ ↑↑ 
 
D-larval development 2 
↓↓ ↑↑ ↑↑ ↑↑ D-larval development 4 
↑ ns ns 
 
Early abnormality rate (6 d) 2 
ns ns ns 
 
D-larval abnormality rate 2 
ns ns ↓ 
 
PI size (larval body) 3 
ns ↑ ↑↑ 
 
PII size (shell growth) 3 
↑ ↑ ↑ 
 
Shell malformation 3 
↑↑ ↑↑ ↑↑ 
 
Shell abnormalities 3 
↓ ns ns ns Lipid depletion (Total, TAG) 4 
ns ↑ ↑ ↑ Respiration 4 
ns 
   
Biodeposition
***
 
5 
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6.2 Synthesis  
Chapter 2 describes changes in fertilisation success, progression of embryonic and larval 
development, occurrences of abnormalities and larval survival under reduced pH and elevated 
temperature. Further impacts of these stressors on larval quality and development were 
analysed in Chapter 3 by evaluating changes in shell growth and the quality of calcified 
structures using scanning electron microscopy. Chapter 4 examined both the use of energetic 
reserves by larvae and their metabolic responses to climate change stressors during 
development. Chapter 5 examined the impacts of ocean acidification on feeding behaviour 
and biodeposition in adult clams. A synthesis of the results of these experiments is presented 
here, followed by a discussion of their implications for future populations of L. elliptica. 
6.2.1 Fertilisation 
Fertilisation in invertebrates is generally robust to warming and acidification (reviewed in 
Byrne, 2011). In the Chapter 2 experiments, elevated temperature improved fertilisation rate 
relative to control conditions at both 4 and 6 hours (Table 6.1). At these higher temperatures, 
reduced pH impaired fertilisation compared to levels at the control pH. However, even under 
pH stress, fertilisation success was still higher in elevated temperature treatments compared 
to rates at control temperatures (Table 6.1). This indicates projected ocean changes might 
improve fertilisation success, even with pH stress. By 48 h fertilisation was high in all 
treatments and robust to the temperature and pH treatment conditions. No loss of gamete 
viability was observed with either stressor. 
Fertilisation studies made in a laboratory can be difficult to interpret as results may differ 
with experimental method (Byrne, 2011). Significant variation is often observed between 
experiments on the same species (e.g. Havenhand and Schlegel, 2009; Parker et al., 2010). 
There are many variables that can influence measurements of fertilisation success, such as 
population differences, parental age and gamete output, experimental method, gamete 
concentrations, sperm residence time, etc. (Byrne, 2011). The fertilisation in the Chapter 2 
study occurred under optimum sperm and egg concentrations (Powell et al., 2001), which are 
unlikely to occur in the wild. The higher fertilisation rates observed in the first few hours 
following spawning may significantly increase the number of fertilised eggs at elevated 
temperature and reduced pH, before sperm concentrations are diluted, subsequently 
increasing the numbers of developing larvae. 
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6.2.2 Development timing 
Not only will elevated temperatures potentially increase larval populations through 
enhanced fertilisation, the developing larvae will reach competency faster. Elevated 
temperatures accelerated development rates in my experiments (Table 6.1), an effect that was 
noticed as early as 4 hours post-fertilisation (PF) at the 2-cell stage. In addition to reaching 
the first developmental stage earlier, these larvae maintained a faster rate of development 
through successive development stages (Table 6.1). By the D-larvae stage, a +2°C change in 
temperature resulted in fully shelled larvae developing 5-6 days sooner compared to those at 
the control temperature, equating to a 20-25% increase in development rate. 
The impacts of pH were more variable and highlighted the necessity of assessing the 
impacts of stressors at multiple developmental stages. Reduced pH largely accelerated 
development up until the trochophore stage, first seen around 10 days PF, which is the point 
in bivalve development where calcification begins (Waller, 1981; Weiss et al., 2002). This 
stage marked a turning point where the effects of pH started to become negative. Reduced pH 
significantly slowed development by the D-larvae stage, relative to control pH, with the 
effect dependent on the incubation temperature (Table 6.1). For example, at control 
temperatures, the delay was 1-2 d, but at 0.4°C, the delay was 4 d. However, due to the 
overall faster development at elevated temperatures, larvae at pH 7.65 and 0.4°C still 
developed faster than those at control conditions (Table 6.1). The observed influences of 
temperature and pH on development of the later veliger and D-larval stages suggest that 
future ocean warming may accelerate development to these stages, but that ocean 
acidification may limit the extent of this increase. However SEM data (discussed below) 
indicates that settlement and juvenile survival may be impaired by extensive shell damage at 
reduced pH  
Larval stages are among the most vulnerable life stages, and any change in rates of 
mortality or development could have significant flow-on effects for the population (e.g. 
Parker et al., 2013; Guy et al., 2014). The lack of developed protective structures and 
mechanisms, exposure to adverse conditions and predation all significantly reduce the 
proportion of spawned gametes that survive to become settled juveniles (Martel et al., 2014; 
Pecorino et al., 2014; Przeslawski et al., 2015). Faster rates of development would mean 
protective and regulatory structures would be formed sooner, potentially reducing 
vulnerability and allowing for responses to external stressors. 
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Elevated temperatures are not likely to occur without concomitant reductions in pH, 
therefore it is important to consider the impacts of simultaneous reduced pH and elevated 
temperature. Despite the delaying influence pH had on the development of D-larvae, at 
elevated temperatures, the influence of pH was minor in comparison to the overall faster 
development rates observed with elevated temperature alone. Larvae in the most extreme 
treatment (pH 7.65 and 0.4°C) still reached competency before the larvae at control 
conditions. However, even within a species, responses to stressors may be quite varied.  
Variable responses to reduced pH have also been observed between populations of Mytilus 
edulis. In populations from the North Sea, shell dissolution and significant reductions in 
calcification were observed with elevated pCO2 (Gazeau et al., 2007). In contrast, M. edulis 
from a Baltic Sea upwelling region maintained calcification, somatic growth and juvenile 
recruitment at much higher pCO2 levels (Thomsen et al., 2010) and individuals from the 
American Atlantic coast experienced no change in calcification following exposure to 
elevated pCO2 (Ries et al., 2009). The naturally higher pCO2 experienced in the upwelling 
zone may have allowed for acclimation within the population, leading to higher resilience. 
Differential responses to stress in adult L. elliptica have been observed in populations that 
experience contrasting conditions. For example, acute thermal limits and individual 
performance at elevated temperatures were greater in individuals from locations with higher 
summer maximum temperatures (Morley et al., 2009). Additionally, in the Ross Sea, 
antioxidant defences were upregulated and oxidative stress was greater in populations from a 
more polluted environment (Lister et al., 2015).  
In the present studies, differences in developmental timing were observed between larvae 
from the Chapter 2 experiment compared to those from Chapter 4. Experimental conditions 
were similar between these chapters, eggs were fertilised under reduced pH (7.80 and 7.65 in 
Chapter 2, pH 7.65 in Chapter 4) and elevated temperatures (-0.5 and 0.4°C in Chapter 2 and 
-0.5, 0.5, and 1.5°C in Chapter 4), and larvae were raised under these conditions to the D-
larvae stage. In the Chapter 4 experiment, no delay was observed in any of the reduced pH 
treatments at elevated temperatures (up to 1.5°C), while those at control temperature were 
delayed by close to 2 d. The adult L. elliptica that supplied the larvae for the two experiments 
were sourced in different years (2012 vs. 2014) and from different populations (McMurdo 
Jetty vs. Granite Harbour). Adult condition and experience during gametogenesis can 
influence larval performance through the alteration of energetic provisioning or by 
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transgenerational epigenetic inheritance (Sunday et al., 2011; Miller et al., 2012; Parker et al., 
2013; Parker et al., 2015). For example, in oysters, prior exposure to reduced pH led to lower 
rates of abnormality, faster development, faster shell growth and increased heart rate in 
following generations (Parker et al., 2012; Parker et al., 2015).  Similar responses are 
observed in other marine species (e.g. Foo et al., 2012; Miller et al., 2012; Vehmaa et al., 
2012), although prior exposure may exacerbate negative responses (see Dupont et al., 2013). 
The variable responses observed between the experiments may indicate that L. elliptica larval 
sensitivity to reduced pH may be linked to different environmental conditions experienced by 
the parents.  
No long term data sets exist detailing conditions at Granite Harbour. However, 
Kapsenberg et al. (2015) compared conditions at McMurdo Jetty to Cape Evans. Short term 
measurements of pH made at Cape Evans and Granite Harbour from the same time 
(November) in different years (2013 and 2014, respectively) indicate these locations are 
similar, but pH is slightly lower at Granite Harbour compared to Cape Evans (approximately 
7.99 vs. 8.04, respectively; Cummings, Pers. Comm.). McMurdo Jetty has small short term 
variations in pH, and seasonal averages are higher compared to conditions at Cape Evans 
(8.15 vs. 8.05, respectively, Kapsenberg et al., 2015). If pH variability at Granite Harbour is 
similar to that at Cape Evans, the adults used for the Chapter 4 lipid analysis may have been 
better adapted for reduced and variable pH conditions compared to those from the McMurdo 
Jetty. This may have allowed larvae to respond better to the low pH conditions in Chapter 4. 
However, the data from Granite Harbour are from a limited time scale and a different year 
from Cape Evans data, more data would be needed to make an accurate comparison of the 
conditions experienced by the different populations. 
Small changes to developmental timing could have significant flow on effects to the size 
of population at settlement. Larvae reach competency at the D-larvae stage. At this critical 
point, they can begin metamorphosis and settle in the sediments as juveniles. Under elevated 
temperature, larvae will reach competency sooner, with two positive implications: faster 
settlement or greater growth. Early competency means larvae will be able to complete 
metamorphosis and settlement sooner upon the receipt of appropriate cues. This would 
reduce the time in which larvae might be carried away from favourable settlement locations 
due to currents, promoting the retention of larvae. Additionally, larvae would spend less time 
in life stages where they are vulnerable to predation, thereby increasing the overall population 
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of juveniles (Lamare and Barker, 1999; Prowse et al., 2009). Alternatively, larvae would be 
able to delay metamorphosis and spend more time in larval somatic and shell growth, 
allowing for the development of larger juveniles, which could increase their survivorship 
(Gosselin and Qian, 1996; Emlet and Hoegh-Guldberg, 1997; Emlet and Sadro, 2006; Martel 
et al., 2014).  
Settlement in invertebrate larvae is typically dependent on external cues (Martel et al., 
2014; Wicks and Roberts, 2012). These cues may be physical, chemical or interactive, 
triggered by the presence of specific predators or prey, substrata and/or biofilms (Hadfield 
and Paul, 2001). Additionally, within a species, cues for settlement may differ from those for 
metamorphosis (Hadfield and Paul, 2001). Cues may be influenced by the same conditions 
that influence larval development in L. elliptica, therefore, even if larvae reach competency 
sooner, there is no guarantee the larvae will receive the appropriate cues to initiate 
metamorphosis and settlement. L. elliptica larvae are non-feeding, and are unable to replenish 
any reserves before metamorphosis. If cues are missing, larvae may be able to wait, but this 
time will be limited by the available energetic reserve. The observed impacts of reduced pH 
and temperature on energetic reserves and larval sizes are further discussed below. However, 
if cues are not affected in this species, the faster development indicates that L. elliptica 
populations could possibly increase under projected elevated temperatures.  
6.2.3 Abnormalities and mortalities 
Abnormal development was observed in all life history stages studied. Abnormalities 
included altered larval body shapes, which would likely result in larvae not progressing on to 
successive developmental stages, or larval mortality. Four hours PF, abnormality rates of the 
embryos ranged between 2-8%, and by 6 d PF had increased to 18-30%. Temperature and pH 
did not individually influence abnormality rates in the first 6 d, but an interactive effect was 
observed with reduced pH increasing abnormalities at -1.6°C but reducing them at -0.5°C. By 
the D-larvae stage, abnormality rates were high in all treatments.  
The elevated temperature of -0.5°C reduced occurrences of abnormalities in the D-larval 
stage (Table 6.1). Due to the difficulty of observing details of the larval shell under light 
microscopy, observations of abnormal development in the D-larvae in Chapter 2 were limited 
to those that presented obvious malformation or had not progressed past previous stages (e.g. 
“ab” and “vel” in Fig. 6.1a). Abnormalities were more frequent in reduced pH treatments at 
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each temperature, however, this effect was not statistically significant due to large variability 
between treatments, which indicated that future warmer oceans might increase D-larvae 
numbers with little impact of concurrent reduced pH (to 7.65).  
While the effects of pH on abnormal development were non-significant in Chapter 2, 
closer examination of shell quality and morphology under SEM revealed significant negative 
effects. D-larvae from reduced pH treatments that appeared to be fully shelled under light 
microscopy (e.g. “D” in Fig. 6.1a) were sometimes uncalcified and a significant portion of 
them had abnormal D-shapes, deformed shell edges and irregular hinges (Fig. 6.1b-d). 
Furthermore, of the larvae that had normal D-shapes, significantly more displayed high 
amounts of shell damage when raised under reduced pH (Table 6.1). Undersaturation of 
aragonite in both reduced pH treatments likely led to the dissolution of shell surfaces, 
resulting in the increased pitting that was observed. Elevated temperature did not impact shell 
morphology (Table 6.1), but it did have a slight mitigating effect on reduced pH. These 
results suggest that OA will be major concern for these developing larvae, as larval shells will 
experience a significant loss of quality, which could impair function or success. 
Apparently normal larvae may actually be severely damaged by pH. Abnormalities and 
dissolution of calcified structures are difficult to observe without SEM. This may lead to 
incorrect interpretations of stress responses. In Chapter 2, abnormalities were judged solely 
on the apparent overall shape of the larva, and it was suggested that larvae were largely 
robust to reduced pH, particularly in the context of beneficial effects of elevated 
temperatures. However, Chapter 3 revealed significant flaws in shell structure that would 
have serious implications for settlement and survival. In order to avoid an underestimation of 
the impacts of pH, future studies on larval development will need to pay close attention to 
calcified structures. 
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Fig. 6.1. Images of larvae from the Chapter 2 and 3 experiments, taken using (a) light microscopy and 
(b-d) SEM. (a) shows a D-larvae (D), late stage veligers (vel) and an extreme example of abnormal 
development (ab); (b-d) are examples of D-larvae that were counted as “normally developed” under 
light microscopy, but that SEM examination in Chapter 3 revealed were in fact malformed. Scale bar 
= 100µ in (a), (b-d) as indicated. 
 
Larval morphology and shell integrity may have a large influence on survival (Talmage 
and Gobler, 2010; Gaylord et al., 2011). In species with planktonic feeding stages, reduced 
shell integrity in structure, or in the hinge or edges may impair feeding or swimming capacity 
(Talmage and Gobler, 2010; Waldbusser et al., 2015). Adult L. elliptica may not be heavily 
reliant on structural integrity as they are sessile. However, impaired swimming may reduce 
the capacity of juveniles to select suitable substrate on which to settle. Additionally, as 
infaunal organisms, they must bury in sediments as part of the settlement process. L. elliptica 
is found in a large variety of sediment types ranging from coarse gravel to mud. Altered shell 
shape may influence the sediment types in which juveniles are able to settle and burrow, 
while reduced shell integrity may increase mortality at settlement. 
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The impacts of exposure to reduced pH will likely mean reduced larval and juvenile 
populations due to malformed and/or weaker calcified structures. Simultaneous exposure to 
elevated temperatures will improve shell condition and reduce abnormal development. 
However, unlike the observed impacts on development timing, the benefits of elevated 
temperatures will not overcome the costs of reduced pH. The increased frequency of cracking 
on larval shells at reduced pH is a symptom of a larger problem. The larvae are encapsulated 
in a thick gel capsule that should offer protection for the developing larvae. Larvae raised 
under reduced pH had higher occurrences of shell cracking. This implies that they have 
weaker shell structure and may be prone to damage in settlement. While there are no crushing 
predators in Antarctica, shell strength is an important component of individual survival in L. 
elliptica. The shells of bivalves may also offer protection against bacterial invasion, and 
significant cracking and damage may leave larvae and juveniles vulnerable to infection 
(Husmann et al., 2011; Harper et al., 2012). 
In molluscs, larval shells are not lost in metamorphosis, but are incorporated instead into 
the juvenile and adult shells (Weiss et al., 2002) Consequently, any damage sustained in 
larval development will carry-over to later stages. Repair of damage is possible in adults that 
sustain crushing injuries suffered during physical disturbances (e.g. from icebergs Harper et 
al., 2012). However, the repair process in L. elliptica is slow and may be limited (Sleight et 
al., 2015) and extensive damage, as seen here in larval shells may be too energetically 
demanding to repair. Additionally, under ocean acidification, reduced pH will not only affect 
larval stages. Juveniles and adults will be subject to the same conditions, possibly 
experiencing similar reductions in shell quality and may not be able to repair damage. Under 
future ocean conditions, shell damage sustained during larval development may significantly 
reduce recruitment leading to significant population declines, particularly in more disturbed 
habitats. It must also be considered that these experiments were carried out in a laboratory 
setting where developing larvae were largely protected. Natural mortality rates would likely 
be even higher in the wild as larvae would be exposed to predation, advection and other 
stressors. Climate change related stressors may place added strain upon already vulnerable 
life stages (Gazeau et al., 2013; Parker et al., 2013). 
6.2.4 Larval sizes 
Elevated temperatures and reduced pH not only influenced the rate of development and the 
quality of calcified structures, they also impacted larval body sizes and shell growth (Table 
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6.1, Chapter 3). Larval sizes often affected by stressors, however, it is not clear whether the 
size differences are related to developmental delays or reduced growth (Gaylord et al., 2011; 
Stumpp et al., 2011b). When comparing larval sizes at set times PF, developmental delays 
may indicate smaller larvae sizes. However, reduced growth would only be apparent when 
comparing larvae at equivalent life history stages, independent of the time PF. In L. elliptica, 
the answer to whether larvae are smaller or just delayed lies somewhere in the middle.  
 
 
Fig. 6.2. SEM image of a normal D-shape larva, showing prodissoconch I (PI) and the narrow band of 
prodissoconch II (PII). H and L indicate measurements of shell height and length, respectively of PI. 
 
 
 The two-staged development of bivalve shells allows for the measurement of different 
aspects of larval growth: body size and shell formation. The first part of shell development is 
the formation of prodissoconch I (PI, Fig. 6.2). Calcification is initiated by the shell field, 
specialised ectodermal cells that later form the shell gland and periostracum (Eyster and 
Morse, 1984). The development of the larval shell begins in the trochophore stage at the 
onset of calcification, and PI is complete when the shell meets at the margins and the body is 
completely enclosed forming a D-shaped straight hinged larvae. From this point the 
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formation of prodissoconch II (PII, Fig. 6.2) begins. At this stage, shell formation switches 
from the shell field to the mantle, and calcium carbonate is laid in thin bands along the newly 
formed shell edges. The larvae will also add calcium carbonate to the inside of the shell, 
thickening it (Carriker, 1996). PI height and length measurements correspond to the size of 
the larvae at competency, while the width of new shell in PII corresponds to shell growth, and 
subsequently, the rate of calcification between PI and metamorphosis (Martel et al., 1995; 
Martel et al., 2014). 
Larval body sizes (PI) as well as shell growth (PII) were influenced by both reduced pH 
and elevated temperatures (Table 6.1). In PI development, under elevated temperature, larvae 
had significantly smaller shell heights and therefore larval body sizes, compared to those at 
the control temperature. Incubation temperature did not impact PI length. These smaller 
larvae at elevated temperature are contrary to expectation. Generally, larger larvae sizes are 
an indication of greater health or quality (Gosselin and Qian, 1996; Martel et al., 2014). 
Faster growth rates had already been observed with elevated temperature in Chapter 2, 
indicating that the larvae were reaching the fully shelled D-larvae stage sooner. This would 
mean that the larvae were finishing the formation of PI at an earlier age PF. Larvae may have 
had less time in which to perform cell growth during PI development, becoming fully shelled 
at a smaller size. 
The temperature dependent impact of pH on PI development is harder to interpret (Table 
6.1). At -1.6 and 0.4°C, smaller shell heights were observed at reduced pH. Conversely, the 
largest shell heights were observed at pH 7.65 and -0.5°C. This variable response may be 
related to the energetic costs of calcification. Calcification is dependent on an organism’s 
capacity to maintain pH at the site of calcification. Under ocean acidification, internal pH can 
be regulated through the removal of protons using ion transport mechanisms or through 
buffering using bicarbonate (McConnaughey and Gillikin, 2008). Bivalves are capable of 
forming bicarbonate through the energetic conversion of respiratory CO2 (Roleda et al., 
2012). Under elevated temperatures, respiration increased in L. elliptica larvae (see below, 
Table 6.1). This may have supported a higher metabolism, leading to a greater production of 
bicarbonate, improving buffering and allowing greater cell growth. However, a lack of 
change in respiration rate at temperatures elevated above -0.5°C (i.e., 0.5 and 1.5°C, Chapter 
4) indicates that metabolism may be limited. Additionally, increased metabolic demands at 
the higher temperatures may have resulted in the smaller larvae seen at 0.4°C, as energetic 
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resources may have been used to build vital larval structures and not for further body growth. 
This indicates that smaller sizes may also be expected above 0.4°C.  
Elevated temperature increased the amount of shell growth performed at PII, while the 
influence of pH was once again dependent on the incubation temperature. At the control 
temperature, significantly less shell material was deposited at reduced pH. Unlike the larval 
body growth at PI, which increased under reduced pH only at -0.5°C, increased growth of PII 
was observed at both elevated temperatures (i.e. -0.5 and 0.4°C) with reduced pH. This is 
likely related to the patterns of development described in Chapter 2. Larvae raised in elevated 
temperature treatments reached the D-larvae stage sooner, meaning they could have more 
time to continue calcification before settlement, if settlement cues are not received, resulting 
in larger PII growth. This increase could have positive implications for L. elliptica 
populations, as a larger size at metamorphosis may give an advantage in settlement (Martel et 
al., 2014; Phillips and Gaines, 2002). Larger shells may reduce the vulnerability to predation, 
as well as give the larvae a competitive advantage for prime settlement areas. Additionally, as 
PII growth occurs on the inner shell layers as well as along the shell edge, more time spent in 
PII growth will mean larval shells may be thicker and more resistant to crushing fractures 
during burial.  
Reduced pH had a variable effect on shell growth at PII, apparently limiting shell growth 
at the control temperature, but not at the elevated temperatures. If increased respiration and 
metabolic limits under reduced pH and elevated temperatures noted in Chapter 4 (see below) 
explain the pattern of growth in PI, they may also explain the effect at PII. While size at PI 
relates more to larval body growth, PII may relate to calcification rates. Factors limiting cell 
growth at elevated temperature may not have had an influence on the ability to calcify. The 
larvae may have continued growing larger shells at reduced pH and elevated temperatures 
due to the increased production of bicarbonate with higher respiration rates. Interestingly, not 
only was shell growth greater at reduced pH at both elevated temperatures, greater shell 
growth occurred at pH 7.65 compared to 7.80 (Table 6.1). If increased buffering aided 
calcification at high temperatures, it would be expected that shell formation would be similar, 
not greater. Perhaps a hormetic response occurred, where the increased and combined 
stressors (pH 7.65 and 0.4°C) crossed a threshold, triggering a repair mechanism that was not 
activated under less stressful conditions. However, responses such as these are energetically 
114 
 
demanding and may come at costs to the developing larvae, such as losses in tissue mass or 
reductions in energetic reserves.  
6.2.5 Larval energetics 
The energetics of larval development in L. elliptica were analysed in Chapter 4, focusing 
on the use of lipid reserves in development to the D-larval stage, as well as how these 
reserves were impacted by reduced pH and elevated temperature. Eggs contained around 200 
ng of lipids, which were dominated by the energetic lipid triacylglycerol (TAG) and the 
structural phospholipid (PL). TAG accounted for nearly 65% of the total lipid content. Also 
present were wax esters, aliphatic hydrocarbons, diacylglycerol, cholesterol, acetone mobile 
polar lipids and free fatty acids. 
Depletion of lipids over time was partially dependent on the incubation temperature. In 
development to the D-larval stage, a trend towards higher depletion was observed at elevated 
temperatures. Surprisingly, the lowest lipid depletion was observed in larvae developing 
under reduced pH at control temperatures (Table 6.1). However, the differences in lipid use 
between treatments were minor and considerable reserves remained under all experimental 
pH and temperatures. Larvae developing under elevated temperatures reached the D-larval 
stage sooner compared to those at control temperatures (Chapter 2) and achieved greater shell 
growth (Chapter 3). Larvae that reach greater sizes at equivalent age may be expending more 
energy to complete equivalent growth. Metamorphosis is energetically demanding and if 
reserves are depleted before competency is reached, larvae will not be able to complete 
metamorphosis. However, there was little or no added energetic cost to maintain these faster 
development rates (Chapter 4). This indicates that the larvae may have reached competency 
sooner, with no increase in lipid use.  
In development to the D-larvae stage, around 25% of the total lipid pool was depleted (~45 
µg), largely due to changes in PL and TAG content. The relative size of the original TAG 
lipid pool also declined significantly, indicating that it was the primary lipid used in larval 
development in L. elliptica. This was not unexpected, as TAG is a common storage lipid used 
by many marine invertebrates in larval development (Holmer, 1989; Kattner et al., 2003; 
Moran and Manahan, 2003; Falkner et al., 2015). Despite its classification as structural lipid 
class, the significant depletion of PL during development indicated it was used energetically 
in development (Kattner et al., 2003; Pernet et al., 2003b; Pernet et al., 2006). Similar to 
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TAG, more than half of the original PL reserve remained at the D-larvae stage, indicating that 
it may also be a significant reserve for metamorphosis. However, it is unknown what 
proportion of the remaining reserve is available to be used energetically as PL is an important 
component of cell membranes (Fraser et al., 1988; Lee et al., 2006), some of the measured PL 
would have been performing a structural function in the larvae. 
The small size of the wax ester pool in L. elliptica was unexpected, as it is commonly a 
dominant energetic lipid class in high latitude species (Lee et al., 2006). Wax esters are also 
important for metamorphosis and post-metamorphic development (Villinski et al., 2002). The 
size of the wax ester reserve did not change during development, indicating it may still be 
important later for metamorphosis.  
The high proportion of the TAG and PL reserves that remained at the D-larval stage was 
surprising. However, these may be important for later metamorphosis (Holland and Spencer, 
1973; Rodriguez et al., 1993). When larvae reach competency, they may delay 
metamorphosis in the absence of cues for settlement or in favour of searching for more 
suitable settlement sites (Pernet et al., 2003b). During this time, larvae would be able to use 
energetic reserves and continue shell development, resulting in larger larvae at settlement 
(Martel et al., 2014). The large reserves remaining in D-larvae in L. elliptica observed  in this 
experiment, would allow for long periods of encapsulation, which have been observed in this 
species (see Peck et al., 2007a) in the absence of appropriate settlement cues. Additionally, 
large remaining reserves could benefit juvenile survival as they may be able to use remaining 
reserves once settled to prevent starvation under food limitation (Thiyagarajan et al., 2005), 
as well as to increase early growth rates (Emlet and Hoegh-Guldberg, 1997; Prowse et al., 
2008). The large energetic reserves in L. elliptica eggs and larvae may flow on to benefit later 
life stages.  
The large size of the remaining lipid pool in stressed larvae does not mean there are no 
added energetic or metabolic costs for the developmental changes observed under reduced pH 
and elevated temperatures in L. elliptica. Differing growth responses in larvae may have 
implications for the allocation of energy during development. Larvae that reach equivalent 
life stages at different sizes may be diverting energy away from somatic growth to processes 
of more immediate concern, such as mechanisms required for survival. Rather than 
significantly increasing lipid use, the larvae could have maintained a faster rate of 
development through the diversion of resources at the expense of other energetically costly 
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activities, or may have used other energetic sources such as protein or carbohydrates, which 
are also common in marine larvae (Falkner et al., 2015; Holland and Spencer, 1973; Labarta 
et al., 1999). Larval body sizes (PI in Chapter 3) were smaller at elevated temperature. 
Possibly, the faster development was at the cost of reduced tissue growth. Reductions in the 
energy spent in these areas could result in smaller and weaker larvae at competency. 
However, when comparing lipid use to shell development in PII larvae, both shell growth and 
quality were improved under elevated temperature. If energy was diverted to aid in faster 
development at elevated temperature, it was not at the expense of shell growth. 
 A metabolic cost to development under elevated temperature may be shown by the 
observed changes in respiration rates (Chapter 4). Larval metabolic rates increased in 
response to small elevations in temperature (i.e. from -1.7°C to -0.5°C). However, tolerance 
thresholds were low, as there was no further significant increase in rate after -0.5°C. This 
suggests early life history stages in L. elliptica may not be tolerant to future warming above -
0.5°C (i.e. at 0.5 or 1.5°). At higher temperatures, oxygen delivery systems may be limited, 
which could impair function. During development, larvae rely on maternally provided 
energetic stores and therefore experience no added energetic costs in food capture. If this 
temperature sensitivity continues into the juvenile stages, once the larvae settle and can no 
longer rely on energetic reserves, activities such as calcification or later shell growth could be 
significantly reduced. The increase in respiration rate at elevated temperature appeared to be 
greater among reduced pH treatments, although the effect was not statistically significant. 
Additionally, there may have been an energetic cost of calcification at reduced pH. In 
early larval development in L. elliptica, before the onset of calcification, larvae appeared to 
benefit from reduced pH, developing faster (Chapter 2). However, as soon as shell 
development started at the trochophore stage, developmental delays set in. This may have 
been related to the cost of maintaining pH at the site of calcification through the formation of 
bicarbonate or the removal of H+, or to the diversion of energetic resources away from 
calcification/shell maintenance (Roleda et al., 2012; Wicks and Roberts, 2012; Thomsen et 
al., 2015). Under OA, calcification may become energetically costly and an organism must 
respond by either reducing calcification or increasing the energetic input. The strategy for 
calcification in the larvae of L. elliptica is likely the former. Larval energy use showed no 
significant increase with reduced pH (Chapter 4), but shells in D-larvae developing under 
reduced pH were weaker and prone to breakage (Chapter 3). Additionally, larval body and 
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shell shape were negatively impacted. Some of the damage observed may have been directly 
related to the dissolution of calcium carbonate due to the undersaturation of aragonite in 
reduced pH treatments, as pitting of the shell was observed. However, the fragility of the 
shell indicates that overall calcification was reduced, possibly resulting in a thinner shell, in 
addition to the observed dissolution. This implies that, despite the large energetic reserves 
available in the eggs of L. elliptica¸ larvae may respond to OA by reducing calcification 
rather than increasing the lipid use.  
6.2.6 Biodeposition 
Through lecithotrophy, adult invertebrates can prepare larvae for development in regions 
of seasonal or poor food supply by providing a sufficient reserve to sustain development 
through to competency (Lee et al., 2006).  However, the nutrient supply in the egg may be 
dependent on the conditions experienced by the adult. Under stress, adults may need to 
increase energy intake to support higher metabolic rates (Parker et al., 2013). They may do 
this by altering feeding behaviours such as particle selection, or rates of ingestion, digestion 
and filtration (Bayne, 1998; Vargas et al., 2013). Alternatively, high metabolism may be 
supported by diverting energy to maintain critical function at the expense of growth or 
gametogenesis (Melzner et al., 2011). It is unknown how ocean change conditions will 
impact food availability and feeding behaviour in adult L. elliptica, which in turn would 
determine larval provisioning.  
Reduced pH had no effect on the amount of biodeposits produced, the amounts of 
pseudofaeces and faeces, nor the organic components of any of the deposits (Chapter 5, Table 
6.1). However, the pseudofaeces from the reduced pH treatments appeared larger and more 
translucent. Larval gastropods altered selection behaviours in response to reduced pH, 
favouring smaller particles sizes that may have made handling easier (Vargas et al., 2013). In 
L. elliptica, an increased ingestion of particles in order to support higher metabolic rates 
would mean less food particles were being rejected in the pseudofaeces. Additionally, 
observations of increased mucous production have been made in suspension feeding bivalves 
exposed to very low pH (pH 4 and 5; Loayza-Muro and Elías-Letts, 2007). If a similar 
response occurred in L. elliptica, alongside reduced particle rejection, the large translucent 
appearance and constant organic weights may be explained by simultaneously higher mucous 
and lower particle content. 
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Changes in metabolic rates have been observed in adults of this species in response to 
longer term exposure to reduced pH (Cummings et al., 2011), but rates following short term 
exposure are unknown. The lack of response in biodeposition to reduced pH indicates that if 
higher metabolic rates occur during short term exposure, the adults are not altering feeding 
behaviours to supply an increased energetic demand. This could indicate that adults tolerate 
reduced pH in the short term, with no change in metabolic rates. Alternatively, they may be 
supporting an increase in metabolic demand by diverting resources. If this behaviour 
continued with longer exposure to pH stress, this could impact reproduction and subsequent 
population growth, either by reducing the number of gametes produced by an individual or 
reducing the energetic reserves provided in the eggs. While reserves were sufficient for larval 
growth under stress in well supplied larvae, parental stress or pH exposure could reduce the 
overall reserve. However, longer term exposure to reduced pH in the adults is necessary to 
see if changes in feeding behaviour occur alongside changing metabolic responses, and how 
this could impact larval provisioning. 
6.3 Future Directions 
Through this series of experiments, a basic understanding has been developed of the 
responses of L. elliptica larvae to environmental stress. However, there are still significant 
gaps in understanding how future populations will be impacted. As previously mentioned, 
any positive, negative or neutral impacts of temperature or pH stress experienced by the 
larvae will flow-on to later stages during metamorphosis and settlement, and to the greater 
population. There is no information surrounding settlement in this species, except that 
juveniles appear in sediments in the months following spawning (Bosch and Pearse, 1988). In 
order to gain a better understanding of how changes in larval development timing and energy 
use will flow on to the later life stages, we will need to know what triggers metamorphosis in 
this species, and how those cues may be impacted by stressors. The determination of 
biological cues may be difficult, particularly if they are a combination of interactive factors 
such as temperature, substrate conditions, bacterial biofilms and biochemical cues from 
predators or prey (Hadfield and Paul, 2001; Bowden, 2005). Information on settlement cues 
in other Laternulid or Antarctic benthic species is limited, making it difficult to infer what 
cues in L. elliptica may be. Bacteria may play a strong role in settlement cues for soft 
sediment dwelling invertebrate species (Hadfield and Paul, 2001). By studying local 
conditions, such as phytoplankton species and abundances, sediment saturation states and 
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bacterial content, and localised temperature around the time juveniles begin appearing in the 
sediments in different populations, potential cues may be determined or eliminated. These 
potential cues could then be tested on L. elliptica D-larvae in a laboratory setting. 
While reduced pH and elevated temperatures are important stressors to consider in the 
context of larval development in high latitude molluscs, these are not the only stressors larvae 
would face. Larvae may also experience alterations in salinity, sea ice extent, water column 
stratification, oxygen saturation, and water circulation (Arrigo and Thomas, 2004; Doney et 
al., 2012; IPCC, 2013). In addition to these climate change related stressors, early life stages 
may also experience high rates of mortality due to predation, UV exposure, low nutrition, 
disease, internal defects or the inability to find suitable settlement sites (Gosselin and Qian, 
1997; Lamare and Barker, 1999; Pedersen et al., 2008). Natural mortality rates in larvae and 
juveniles may be significantly high in marine invertebrates (Gosselin and Qian, 1997). Larvae 
in these experiments were raised under relatively ideal conditions, in order to isolate effects 
from reduced pH and elevated temperature. Gaining a better understanding of the natural 
larval mortality rates for this species, or what proportion of spawned gametes successfully 
settle, would allow for a better interpretation of how negative effects will impact the greater 
population (Guy et al., 2014). 
Additionally, more work is needed to understand how future ocean changes will impact 
larval development and recruitment in this species. For instance, lipids are not the only 
important component of larval energetics. Protein is a major energetic reserve in adult L. 
elliptica (Brockington, 2001; Ahn et al., 2003), and it is often a major reserve in the larvae of 
other species as it may be used to build functional body structures (Labarta et al., 1999; 
Byrne et al., 2008a; Byrne et al., 2008b; Prowse et al., 2008; Falkner et al., 2015). In some 
bivalves, protein is an important energy source in later larval development, particularly in 
metamorphosis (Labarta et al., 1999; Lu et al., 1999). The importance of protein and its use in 
the larval development of L. elliptica is unknown.  However, larvae from the same 
experiment as that used for the lipid extraction in Chapter 4 were set aside for analysis. 
Whether proteins form an important part of larval energetic stores alongside lipids, and 
whether they have similar responses to stress will be considered in a future study in 2016. 
Acclimation periods are not necessarily a concern in fertilisation and larval development 
studies as larvae do not experience an abrupt change in external condition when fertilised 
under experimental conditions. However, these experiments are unable to account for 
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maternal experience during gametogenesis. Shifts in tolerance beyond natural thresholds 
requires genetic adaptation (Pörtner 2010). The conditions experienced during gametogenesis 
may influence larval responses to stressors (Sunday et al., 2011; Parker et al., 2015). Gametes 
in these experiments were sourced from adults that performed gametogenesis in the wild 
under current ambient environmental conditions, which may have influenced the observed 
effects on larvae in these experiments. For example, adults of invertebrate species that are 
well fed during gametogenesis may provide larvae with better reserves, or may produce 
greater gamete numbers (Minor and Scheibling, 1997; Poorbagher et al., 2010). Alternatively, 
exposing adults to stressful conditions led to improved responses in subsequent generations in 
fish (Miller et al., 2009; Schade et al., 2014), copepods (Vehmaa et al., 2012) and oysters 
(Parker et al., 2012; Parker et al., 2015).  A similar effect may have been responsible for 
some of the observed differences in L. elliptica development. It would be interesting to see 
how maternal experience in L. elliptica influences stress responses in their larvae. By 
exposing recently spawned L. elliptica to pH and temperature stress, as well as different food 
regimes for a full gametogenic cycle this may be better understood. Carry-over effects could 
be observed by examining egg numbers, energetic provisioning and subsequent larval 
development under stress. 
Variations between adult populations of L. elliptica have been observed, such as altered shell 
thickness dependent on local ice movements (Harper et al., 2012), higher levels of oxidative 
stress in regions with greater anthropogenic impacts (Lister et al., 2005), as well as 
differences in thermal tolerance, suggesting adaptive potential within this species (Morley et 
al., 2012a, Waller et al., 2016). Since the environmental conditions typically experienced by 
an individual influences tolerance to stressors (Pörtner, 2002a), differences in the baseline 
conditions between sites may have influenced larval performance through adaptation by the 
adults. Performing the same experiments on larvae from adults from different populations, 
collected around the same time would help determine how population experience may 
influence larval tolerances. Different responses may give a better indication of the future of 
the species as recruitment from more variable environments could aid species persistence 
under climate change conditions. 
6.4 Conclusions 
Survival of a species under stressful conditions is not determined solely by resistance in 
the individual adult, but rather the ability of the species to persist under pressure. In order to 
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survive unfavourable conditions, species must outlast, move away from or adapt to 
detrimental conditions (Peck 2005). Adaptation occurs through genetic recombination in 
reproduction and allows an organism to expand or shift its ideal range of physiological 
conditions to fit around the changed environment (Peck, 2005). Genetic recombination allows 
the rise of tolerant phenotypes in responses to stress, however this is largely dependent on the 
phenotypic and genetic variation present within a population, as well as generation time 
(Sunday et al., 2011). Long term responses to climate change conditions will be dependent on 
adaptive potential, which may be limited in organisms from historically stable environments 
or with long generation times relative to the rate of environmental change (Pörtner, 2010; 
Matson et al., 2012; Kelly and Hofmann, 2013). A species that cannot produce or fertilise 
gametes or recruit larvae under adversity will not be able to adapt to unfavourable 
environmental conditions. Therefore, the development of phenotypes tolerant to projected 
climate conditions will be partly dependent on larval responses to these conditions. 
Under elevated temperature alone, improvements in population size could be expected in 
L. elliptica. Higher initial fertilisation, faster development rates with no real change in lipid 
use, as well as reductions in abnormalities indicate that larger numbers of larvae will be 
competent sooner after fertilisation. Larvae will be able to either settle faster, reducing time 
spent in vulnerable larval stages or they will be able to use remaining reserves to spend more 
time growing, resulting in larger sizes of the juveniles at settlement, which could reduce 
juvenile mortality. However, this would be dependent on the scale of the warming. 
Respiration rates indicate that temperature tolerance thresholds in the larvae are low, 
particularly compared to adults. Following an initial increase in respiration rate with a 
temperature elevation to -0.5°C from ambient, (-1.6°C), larvae appeared to be unable to 
compensate for further elevations in temperature. There appears to be an optimum 
temperature around -0.5°C. At this point the development rates were faster, and abnormalities 
and shell quality scores were better than larvae at control or higher temperatures.  
Faster development may better prepare larvae for settlement; however, the impacts of 
reduced pH may overwhelm the positive implications of elevated temperature. Reduced shell 
integrity and larval sizes could have significant implications for population survival. At pH 
7.65, at both elevated temperatures in the Chapter 2 experiment (-0.5 and 0.4°C), initial 
fertilisation rates were higher, development was faster and PII shell growth was greater 
compared to larvae in control conditions (pH 7.98 and -1.6°C). These results alone would 
indicate an overall benefit to development in L. elliptica under future ocean conditions with 
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greater numbers of larger larvae reaching competency sooner. However, there are indications 
that the larvae may be disadvantaged. Larval sizes at PI were smaller compared to those at 
control conditions. While larvae did not alter the use of energetic reserves in responses, the 
smaller size may indicate that under stressful conditions, less larval body development occurs 
with similar lipid use. Additionally, larvae from the stressed treatments had higher 
occurrences of shell malformation and abnormalities as well as reduced shell integrity. 
Reduced shell integrity could significantly influence mortality rates in settlement.  
Maternal provisioning in the larvae is sufficient for development up to metamorphosis; 
however, after metamorphosis juveniles are reliant on their ability to capture available food. 
Large reserves may have supported metabolic changes in development, resulting in faster 
growth and larger shells, but the energetic demands of maintaining alternative pathways may 
not be supported in juveniles.  
Overall, impacts of reduced pH and elevated temperatures on the larvae of L. elliptica 
were sub-lethal. However, the observed effects will have considerable consequence for later 
life stages. Exposure to reduced pH and elevated temperatures does not end when larvae 
metamorphose and settle. At higher temperatures, juveniles may experience metabolic 
depression. Energetic activities such as food selection may not be supported, leading to 
reduced condition and somatic growth and even mortalities. The reduced larval condition 
observed with pH stress would lead to reduced populations of juveniles with weak and 
malformed shells. Even with slightly larger larval numbers and faster development, an overall 
population decline would occur as juveniles fail in settlement, which could have significant 
connotations for the benthic environments in which they are prevalent.  
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 Appendix 
 
Appendix 1. Detailed summary of lipid content and ratios in embryos of Laternula elliptica, 2 d PF (n 
= 8, ~500 larvae ea.) and in D-larvae, 31 d PF (n = 4, ~500 larvae ea.), determined by Iatroscan 
TLC/FID. Data is mean ± SD. Total lipids: sum of all lipid classes, energetic lipids = AH + WE 
+TAG + DAG, structural lipids = ST +AMPL + PL. nd = not detectable.  
Average across all treatments 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids   201.99 ± 3.21  152.38 ± 5.38   
Energetic Lipids: 
 
  
  
TAG 131.00 ± 2.45 64.82 ± 0.41   94.48 ± 3.39 62.02 ± 0.30 
WE     7.42 ± 0.28   3.65 ± 0.08    6.93 ± 0.38   4.53 ± 0.17 
AH     2.50 ± 0.03   1.24 ± 0.01    2.29 ± 0.05   1.52 ± 0.06 
DAG     0.17 ± 0.07   0.09 ± 0.04    5.91 ± 0.51   3.89 ± 0.34 
Total 141.03 ± 2.73 69.77 ± 0.43 109.61 ± 3.85 71.97 ± 0.68 
Structural Lipids: 
 
  
  
PL   46.13 ± 0.91 22.85 ± 0.33   29.43 ± 1.79 19.22 ± 0.79 
AMPL   10.75 ± 0.30   5.36 ± 0.15     9.55 ± 0.49   6.32 ± 0.29 
ST     4.08 ± 0.06   2.03 ± 0.03     3.78 ± 0.07   2.50 ± 0.05 
Total   60.96 ± 1.05 30.23 ± 0.43   42.76 ± 1.94 28.03 ± 0.68 
Ratios 
 
  
  
Energetic:Structural     2.33 ± 0.04 
 
    2.60 ± 0.08   
TAG:ST   32.19 ± 0.55 
 
  25.15 ± 0.57   
TAG:PL     2.86 ± 0.05       3.34 ± 0.15   
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pH 8.00/-1.7°C 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids  197.47 ± 14.60 
 
151.26 ± 2.40   
Energetic Lipids:     
TAG 126.66 ± 9.64 64.13 ± 0.91   95.20 ± 1.00 62.95 ± 0.42 
WE     6.85 ± 0.43   3.48 ± 0.04     6.39 ± 0.28   4.23 ± 0.20 
AH     2.46 ± 0.24   1.24 ± 0.06     2.33 ± 0.25   1.53 ± 0.15 
DAG nd nd     4.41 ± 0.88   2.91 ± 0.58 
Total  136.56 ± 10.02 69.18 ± 1.03 108.32 ± 1.83 71.62 ± 0.78 
Structural Lipids: 
 
  
  
PL   46.46 ± 4.08 23.52 ± 1.13   29.96 ± 2.11 19.79 ± 1.30 
AMPL   10.40 ± 0.85   5.26 ± 0.12     9.10 ± 1.01   6.02 ± 0.69 
ST     4.06 ± 0.44   2.04 ± 0.07     3.89 ± 0.40   2.56 ± 0.23 
Total   60.92 ± 5.12 30.82 ± 1.03   42.94 ± 1.50 28.38 ± 0.78 
Ratios     
Energetic:Structural     2.25 ± 0.11 
 
    2.53 ± 0.10   
TAG:ST   31.49 ± 0.87 
 
  25.12 ± 2.07   
TAG:PL     2.75 ± 0.16       3.23 ± 0.25   
pH 7.65/-1.7°C 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids 207.68 ± 3.61 
 
  188.29 ± 13.17   
Energetic Lipids: 
 
  
  
TAG 133.46 ± 1.72 64.30 ± 1.37 117.30 ± 8.87 62.22 ± 0.43 
WE     8.41 ± 0.66   4.04 ± 0.27     8.60 ± 0.77   4.60 ± 0.42 
AH     2.57 ± 0.10   1.24 ± 0.04     2.30 ± 0.13   1.24 ± 0.10 
DAG     0.37 ± 0.31   0.19 ± 0.19     7.16 ± 1.57   3.95 ± 0.99 
Total 144.72 ± 1.41 69.73 ± 1.32 135.36 ± 8.44 72.01 ± 0.94 
Structural Lipids: 
 
  
  
PL   47.13 ± 2.30 22.67 ± 0.79   36.98 ± 5.15 19.42 ± 1.60 
AMPL   11.66 ± 1.44   5.60 ± 0.61   11.77 ± 1.18   6.32 ± 0.67 
ST     4.16 ± 0.30   2.00 ± 0.13     4.18 ± 0.12   2.25 ± 0.14 
Total   62.95 ± 3.72 30.27 ± 1.32   52.93 ± 5.04 27.99 ± 0.94 
Ratios 
 
  
  
Energetic:Structural     2.32 ± 0.14 
 
    2.59 ± 0.12   
TAG:ST   32.31 ± 1.80 
 
  28.00 ± 1.65   
TAG:PL     2.85 ± 0.15       3.27 ± 0.25   
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pH 8.00/-0.5°C 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids 217.34 ± 20.99 
 
  159.52 ± 
10.86   
Energetic Lipids: 
 
  
  
TAG 145.81 ± 15.47 66.92 ± 0.66   98.72 ± 6.11 61.97 ± 0.81 
WE   8.53 ± 1.59   3.83 ± 0.33     8.44 ± 1.90   5.15 ± 0.79 
AH   2.64 ± 0.28   1.22 ± 0.03       2.20 ± 0.11   1.39 ± 0.04 
DAG nd nd     7.46 ± 1.09   4.66 ± 0.53 
Total 156.89 ± 17.32 71.93 ± 1.01 116.82 ± 8.62 73.18 ± 0.92 
Structural Lipids: 
 
  
  
PL 47.01 ± 3.54 21.76 ± 0.46   30.38 ± 2.88 19.03 ± 1.32 
AMPL   9.17 ± 1.25   4.33 ± 0.63     8.44 ± 0.79   5.37 ± 0.62 
ST   4.27 ± 0.28   1.98 ± 0.08     3.88 ± 0.34   2.43 ± 0.10 
Total 60.45 ± 3.92 28.07 ± 1.01   42.70 ± 2.70 26.82 ± 0.92 
Ratios 
 
  
  
Energetic:Structural   2.58 ± 0.14 
 
    2.74 ± 0.13   
TAG:ST 33.92 ± 1.47 
 
  25.65 ± 1.16   
TAG:PL   3.08 ± 0.09       3.30 ± 0.24   
pH 7.65/-0.5°C 
 
Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids  201.38 ± 14.74 
 
 153.31 ± 6.07   
Energetic Lipids: 
 
  
  
TAG 130.37 ± 9.58 64.73 ± 0.28   93.27 ± 3.70 60.86 ± 1.07 
WE     7.69 ± 0.91   3.78 ± 0.20     5.76 ± 0.25   3.77 ± 0.18 
AH     2.50 ± 0.14   1.26 ± 0.09     2.09 ± 0.18   1.37 ± 0.12 
DAG     0.10 ± 0.07   0.05 ± 0.04     4.87 ± 1.62   3.15 ± 0.97 
Total   140.64 ± 10.47 69.82 ± 0.20 105.97 ± 4.90 69.14 ± 1.78 
Structural Lipids: 
 
  
  
PL   46.82 ± 4.52 23.12 ± 0.61   36.04 ± 4.04 23.45 ± 2.29 
AMPL   10.10 ± 0.56   5.15 ± 0.67     7.81 ± 0.55   5.13 ± 0.46 
ST     3.82 ± 0.20   1.91 ± 0.09     3.49 ± 0.20   2.28 ± 0.13 
Total   60.74 ± 4.29 30.18 ± 0.20   47.34 ± 3.44 30.86 ± 1.78 
Ratios 
 
  
  
Energetic:Structural     2.31 ± 0.02 
 
    2.27 ± 0.17   
TAG:ST   34.12 ± 1.56 
 
  26.86 ± 1.28   
TAG:PL     2.81 ± 0.08       2.67 ± 0.25   
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pH 8.00/0.5°C 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids 196.90 ± 6.74 
 
146.41 ± 9.69   
Energetic Lipids: 
 
  
  
TAG 123.93 ± 7.27 62.85 ± 2.26   88.98 ± 6.09 60.79 ± 1.28 
WE     6.53 ± 0.19   3.32 ± 0.07     6.29 ± 0.40   4.33 ± 0.28 
AH     2.55 ± 0.19   1.29 ± 0.08   2.64 ± 0.27   1.81 ± 0.17 
DAG nd nd     3.68 ± 1.05   2.50 ± 0.65 
Total 132.95 ± 7.62 67.44 ± 2.34 101.58 ± 7.09 69.42 ± 1.99 
Structural Lipids: 
 
  
  
PL   48.65 ± 5.14 24.72 ± 2.50   29.58 ± 3.30 20.19 ± 1.63 
AMPL   11.02 ± 0.96   5.66 ± 0.67   11.41 ± 1.25   7.74 ± 0.45 
ST     4.28 ± 0.20   2.18 ± 0.09     3.84 ± 0.09   2.65 ± 0.14 
Total   63.95 ± 4.41 32.56 ± 2.34   44.83 ± 4.53 30.58 ± 1.99 
Ratios 
 
  
  
Energetic:Structural     2.12 ± 0.22 
 
    2.32 ± 0.24   
TAG:ST   28.94 ± 1.13 
 
  23.12 ± 1.25   
TAG:PL     2.64 ± 0.32       3.10 ± 0.36   
pH 7.65/0.5°C 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids   211.78 ± 14.19 
 
  141.05 ± 2.42   
Energetic Lipids: 
 
  
  
TAG 135.92 ± 8.82 64.23 ± 0.87   87.33 ± 2.78 61.87 ± 1.04 
WE     7.98 ± 0.66   3.77 ± 0.19     5.68 ± 0.16   4.03 ± 0.11 
AH     2.52 ± 0.15   1.20 ± 0.05     2.25 ± 0.11   1.59 ± 0.07 
DAG     0.09 ± 0.04   0.04 ± 0.02     5.39 ± 1.11   3.85 ± 0.84 
Total 146.51 ± 9.58 69.23 ± 1.01 100.65 ± 1.91 71.35 ± 0.15 
Structural Lipids: 
 
  
  
PL   48.96 ± 3.54 23.12 ± 0.58   27.72 ± 1.91 19.60 ± 1.05 
AMPL   12.06 ± 1.80   5.64 ± 0.67     9.05 ± 1.45   6.48 ± 1.15 
ST     4.25 ± 0.28   2.01 ± 0.06     3.63 ± 0.22   2.57 ± 0.15 
Total   65.27 ± 5.33 30.77 ± 1.01   40.40 ± 0.53 28.65 ± 0.15 
Ratios 
 
  
  
Energetic:Structural     2.26 ± 0.11 
 
    2.49 ± 0.02   
TAG:ST   32.06 ± 0.86 
 
  24.34 ± 1.64   
TAG:PL   2.79 ± 0.10       3.18 ± 0.13   
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pH 8.00/1.5°C 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids 196.03 ± 8.61 
 
 142.71 ± 7.43   
Energetic Lipids: 
 
  
  
TAG 128.67 ± 5.86 65.63 ± 0.56   90.54 ± 4.15 63.48 ± 0.47 
WE     7.14 ± 0.47   3.63 ± 0.11     7.48 ± 1.54   5.16 ± 0.80 
AH     2.37 ± 0.13   1.22 ± 0.09     2.34 ± 0.18   1.64 ± 0.10 
DAG nd nd     6.52 ± 1.46   4.49 ± 0.76 
Total 138.31 ± 6.24 70.55 ± 0.56 106.88 ± 7.18 74.78 ± 1.10 
Structural Lipids: 
 
  
  
PL   43.13 ± 2.37 22.01 ± 0.72   21.62 ± 1.18 15.32 ± 1.58 
AMPL   10.70 ± 0.87   5.45 ± 0.34   10.53 ± 0.96   7.35 ± 0.28 
ST     3.89 ± 0.19   1.99 ± 0.11     3.68 ± 0.47   2.56 ± 0.19 
Total   57.72 ± 2.73 29.45 ± 0.56   35.84 ± 0.26 25.22 ± 1.10 
Ratios 
 
  
  
Energetic:Structural     2.40 ± 0.07 
 
    2.98 ± 0.18   
TAG:ST   33.25 ± 1.94 
 
  25.09 ± 2.01   
TAG:PL     2.99 ± 0.12       4.23 ± 0.44   
pH 7.65/1.5°C 
  Embryo D-Larvae 
  
Amount per 
embryo (ng) 
% of Total 
lipid 
Amount per 
larvae (ng) 
% of Total 
lipid 
Total Lipids 187.35 ± 10.75 
 
136.45 ± 5.86   
Energetic Lipids: 
 
  
  
TAG 123.21 ± 7.30 65.75 ± 0.35   84.54 ± 3.10 62.02 ± 0.69 
WE     6.23 ± 0.28   3.34 ± 0.06     6.82 ± 0.80   4.97 ± 0.45 
AH     2.36 ± 0.13   1.29 ± 0.15     2.20 ± 0.08   1.62 ± 0.07 
DAG nd nd     7.77 ± 1.17   5.61 ± 0.66 
Total 131.68 ± 7.46 70.30 ± 0.42 101.33 ± 4.93 74.23 ± 0.91 
Structural Lipids: 
 
  
  
PL   40.88 ± 2.25 21.83 ± 0.09   23.15 ± 1.98 16.93 ± 1.09 
AMPL   10.87 ± 1.28   5.76 ± 0.48     8.30 ± 0.90   6.14 ± 0.77 
ST     3.91 ± 0.07   2.10 ± 0.11     3.67 ± 0.11   2.70 ± 0.07 
Total   55.67 ± 3.41 29.70 ± 0.42   35.12 ± 1.66 25.77 ± 0.91 
Ratios 
 
  
  
Energetic:Structural     2.37 ± 0.05 
 
    2.90 ± 0.15   
TAG:ST   31.47 ± 1.49 
 
  23.02 ± 0.51   
TAG:PL     3.01 ± 0.02       3.71 ± 0.24   
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Appendix 2. Summary table of 2-way ANOVA for factors pH and temperature on lipid content and 
classes (as described in Chapter 3, Table 1) in Laternula elliptica, 2 d PF.  
 
pH Temperature Interactive 
 
F(1,23) p F(3,23) p F(3,23) p 
Total Lipids 0.000 0.991 0.647 0.593 0.623 0.607 
TAG 0.006 0.937 0.617 0.611 0.891 0.460 
WE 0.326 0.574 1.217 0.326 1.519 0.236 
DAG 0.509 0.486 1.429 0.103 0.900 0.463 
AH 0.016 0.902 0.489 0.693 0.158 0.923 
PL 0.019 0.891 1.261 0.311 0.062 0.979 
AMPL 1.052 0.316 0.971 0.424 0.080 0.970 
ST 0.238 0.630 0.687 0.569 0.440 0.727 
       
Energetic 0.002 0.969 0.664 0.583 0.927 0.444 
Structural 0.017 0.896 1.241 0.318 0.087 0.966 
       
Energetic:Structural 0.071 0.793 1.847 0.167 1.117 0.363 
TAG:ST 0.344 0.563 2.141 0.123 1.042 0.393 
TAG:PL 0.001 0.977 1.471 0.249 0.748 0.535 
 
 
